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This book is a comprehensive account of the important plant parasitic
nematodes of crops in subtropical and tropical agriculture. It is an
authoritative resource book for agriculturists, researchers, teachers
and students, particularly those working in tropical regions where
sustainable agriculture is the goal. It covers the major food and
cash crops (rice and other cereals, root and tubers, food legumes,
vegetables, peanut, citrus and other fruit trees, coconut and other
palms, coffee, tea, cocoa, bananas, sugarcane, tobacco, pineapple,
cotton and other fibres, and spices) in sixteen chapters. Information
is given on the distribution, symptoms of damage, biology, disease
complexes, economic importance, damage threshold levels, control
and methods of diagnosis for the different nematodes. The book also
includes other chapters on the biology and morpho-anatomy of the
main nematode genera, the extraction and processing of nematodes,
crop loss assessment methods and host-parasite relationships.

The extensive information provided in the book by experienced
nematologists is supported by abundant illustrations, including six-
teen pages of colour plates, making this an invaluable, practical
manual of subtropical and tropical nematology.
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Editorial Note

“Plant Parasitic Nematodes of Subtropical and Tropical Agriculture” was conceived as a truly
practical book for use by agriculturists, researchers, teachers, students and extension workers. The
book covers the major economically important crops of the subtropics and tropics and their main
nematode parasites. The aim was not simply to produce an encyclopaedia of nematode associations
with the crops but to concentrate on those nematode species which have been shown to cause yield
loss.

It is hoped that readers will find that the relevant information necessary for work on plant
nematode parasites is readily available in these chapters, which were designed specifically to meet
these requirements. The authors were selected for their practical expertise. In the crop chapters,
authors from different parts of the world, and with experiences in different types of agriculture,
were invited to present as wide a span of knowledge as possible. We are extremely grateful for the
full cooperation given by the authors and for the overall high standard of the chapter contributions.
We regret that we have had to restrict the size of contributions, in many cases omitting very
interesting passages, in order to ensure that the book was produced as a single volume.
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Preface

The science of plant nematology developed dramatically from 1950 to the present day. Progress was
founded, in part, on the availability of excellent texts on plant parasitic nematodes. This text,
focusing on those nematodes affecting crop plants grown in tropical and subtropical regions of the
world, is the first volume addressing tropical nematology to be published in more than 20 years.

Drs. Richard A. Sikora, Michel Luc and John Bridge conceived the idea for this book at the 1986
ESN meeting in Antibes, France, and the proposal gained further momentum when Peter Gooch
of C.A.B. International offered his support for publication. At the first editorial meeting in Bonn,
Germany, January 12-14, 1987, the overall goals, chapter outlines and general style of the book
were formulated. Additional editorial meetings were held in Paris and St. Albans and a workshop
for authors of the chapters was conducted in August, 1988, at the German Physic Centre in Bad
Honnef.

A unique feature of this treatise is the collaboration of two or more authors in the writing of each
chapter. The authors, deliberately chosen from different geographic areas, were selected on the
basis of their having worked, often for many years, on particular crop/nematode combinations, for
their hands-on experience, and for their understanding of the interactions among hosts, parasites,
and the environment. This approach brings diversity, experience and knowledge to the discussions
of each major crop and its associated nematode pests.

A noteworthy aspect of this volume is that the authors have taken into account the various
ecological differences between the tropical and temperate regions of the world and have shown how
and why different approaches to nematode management are necessary. Although losses due to
nematodes can be great in almost any region of the world, they are especially severe in the tropical
and subtropical regions which comprise most of the developing world and where severe shortages
of food and fibre are prevalent.

Tropical and subtropical agriculture differs from that of temperate regions and growers must
consider the many ecological differences when they decide on approaches to nematode management.
Environmental factors affecting nematode development, reproduction, survival and ability to sup-
press crop production include temperature, rainfall, soil types, patterns of wet and dry seasons, local
vegetation and sometimes the absence of distinct seasons in the tropics.

In the tropical and subtropical regions there are more weed hosts for many nematode species. In
general, tropical and subtropical soils have lower organic matter and nutrient levels. There usually
are more botanical plants per unit area in the tropics than in temperate regions and cultural practices
vary greatly. The target nematode genera and species will also vary, although several important
genera are common to both tropical and temperate regions.

In this volume, the authors have delineated those nematode problems which have the greatest
economic impact on the particular crops grown in the tropical and subtropical regions. With this
information, knowledgeable administrators can facilitate allocation of their available resources to
the development and employment of management tactics most appropriate for those nematodes
which are judged to be most serious.

The opening chapters constitute a theoretical and practical initiation to nematology. These chapters
on morphology, methods, and techniques for determining the impact of nematodes on crop growth
are augmented by indexes, and a section of high quality colour plates showing symptoms of damage.

iX



PREFACE

Altogether they comprise an invaluable handbook which can be used even by scientists with little
practical experience of nematodes.

The editors, authors and publisher are to be commended for producing this valuable and timely
volume on nematode problems in the tropics. They are providing an authoritative resource book
for agriculturists and all plant nematologists, especially for those working in tropical regions, where
sustainable agriculture is the goal. While there are many constraints to economic production of food
and fibre crops in most developing countries, this volume will greatly enhance the ability of scientists
whose responsibility it is to minimize the damage caused by plant nematodes.

J. N. Sasser

Professor Emeritus

Department of Plant Pathology
North Carolina State University
Raleigh, N.C. 27695-7616
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Introduction

Reflections on Nematology in Subtropical and
Tropical Agriculture

Michel LUC, John BRIDGE and Richard A. SIKORA

Nematologist ORSTOM, Muséum national d’Histoire naturelle, Laboratoire des Vers,
61 rue de Buffon, 75005 Paris; C.A.B. International, Institute of Parasitology, 395a
Hatfield Road, St Albans AL4 0XU, England; and Institut fir Pflanzenkrankheiten der
Rhein. Friedrich — Wilhclms — Universitit, Nussallee 9, 5300 Bonn 1, German Federal
Republic.

If the birth of nematology in temperate areas can be dated to 1743 with the observations by Needham
of the wheat seed gall nematode or “ear cockle eelworm”, nematology in the tropics was initiated
at a much later date.

The first tropical nematodes were described from Oceania during the late 19th and beginning of
the 20th century. Cobb (1891) reported finding nearly 30 species in banana soil and plant tissues
from Fiji; among them, he described (Cobb, 1893) several new species, such as Radopholus similis
and Helicotylenchus multicinctus, now well known, even though their names have changed from the
original descriptions. Species now known as Meloidogyne javanica and Hirschmanniella oryzae were
identified at an early date from Java, Indonesia, by Treub (1885) and by van Breda de Haan (1902),
respectively. Few records are available for this period from other parts of the tropics, a notable
exception being the description of the genus Meloidogyne, and its type species M. exigua, on coffee
trees in Brazil by Goldi (1889, 1892); following an earlier report from Jobert (1880), he made an
extensive study of the nematode problem in coffee plantations.

In the following four or five decades, nearly all descriptions of tropical nematode species were
done in laboratories in temperate countries, particularly in the USA by Cobb, Steiner and Thorne,
in England by T. Goodey and J.B. Goodey and in the Netherlands by Schuurmans Stekhoven.
Observations and experiments based on field work were rare in countries outside the temperate
regions until the 1950’s. Two other exceptions were firstly, the study of red ring disease of coconuts
in the Caribbean by Nowell (1919, 1920) who established that a nematode was the cause of the
disease and instigated further work in the area; and secondly, some outstanding field work by Butler
(1913, 1919) in East Bengal (Bangladesh) who identified ufra disease of rice and described its causal
organism, Ditylenchus angustus. One other finding in the early part of this century which was to
have a profound effect on nematology was the discovery in 1935 of a serious nematode parasite in
the pineapple fields of Hawaii, later to be described by Linford and Oliveira (1940) as Rotylenchulus
reniformis. This led, in the early 1940’s, to the discovery of the first effective nematicidal soil
fumigant, D-D (1,2-dichloropropane, 1,3-dichloropropene) from work done at the Pineapple
Research Institute, Hawaii. Notwithstanding these and other evident successes, the amount of

Plant Parasitic Nematodes in Subtropical and Tropical Agriculture M. Luc, R. A. Sikora and J. Bridge (eds) © CAB International
1990
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nematological work in the tropics was very meagre in the first half of this century. For example,
when the first nematology laboratory was established in West Africa (by ORSTOM in the Ivory
Coast) in 1955, there were only nine published references relating to plant parasitic nematodes found
in the whole of West Africa and Zaire.

Nematology laboratories have now been established in many, but by no means all, subtropical
and tropical countries, especially in Africa, South America and India. Up to 1983, 278 scientists
working on nematodes in the tropics were recorded (Thomason et al., 1983) not including those in
India or Pakistan, nor in the semi-arid regions. We would estimate that there are now at least 400
scientists working full or part-time on the nematode problems and in the areas to which the present
book is devoted. Most editions of all the nematological journals now contain a number of articles
dealing with nematodes or nematological problems from outside the temperate regions, and some
journals (Nematropica, Indian Journal of Nematology, Pakistan Journal of Nematology) deal almost
exclusively with such work.

Nematology laboratories established comparatively recently in the tropical regions have had to
look afresh at nematode problems. Often they have needed to determine initially which problems
exist by basic survey work, and accurately identify which nematodes are present (determination
systematics), followed by establishing which nematodes are harmful or economically important by
pathogenicity tests and field trials, and finally deciding on which treatments or methods are appro-
priate for control of nematodes. It has been, and continues to be, a long and difficult task and, if
many problems are now rather well known, few of them have been fully solved. This is not surprising
if we consider that over the past century, approximately 100 nematologists have worked in temperate
countries on the problems caused by the potato and sugarbeet cyst nematodes, and satisfactory
results, with the bias on integrated control, have been obtained only recently. It is therefore, safe
to predict that the future for subtropical and tropical nematology will be long and full of complex
and economically important problems especially with regards to subsistence agriculture.

We have been referring to nematology in ‘‘temperate’” compared to “subtropical and tropical”
regions. It is appropriate here to raise the obvious questions of whether there are fundamental
differences or whether they differ only in degrees because of the different species of nematodes and
types of crop present?

We can state with some certainty and without too many dissenting voices that nearly all the
major problems that can be directly caused by nematodes have been detected in temperate countries.
This is not to say that a problem new to a particular country could not arise through the introduction
and subsequent spread of a known nematode parasite from another temperate country. It is,
therefore, the case in temperate countries that surveys are designed to determine the distribution
of known nematodes causing known damage. In contrast, in the subtropical and tropical areas, new
problems are being, and have yet to be, discovered involving new nematodes species and even
genera, or species not previously recorded as harmful to a crop. Examples we can cite from
comparatively recent publications are the “legume Voltaic chlorosis’ of leguminous crops, discovered
in Burkina Faso, associated with a new species, Aphasmatylenchus straturatus, and a genus not
previously known to be a harmful parasite (Germani & Luc, 1982); “‘mitimiti” disease of taro
(Colocasia esculenta) in the Pacific caused by a new species, Hirschmanniella miticausa (Bridge et
al., 1983); and, in the semi-arid areas, the new cyst species Heterodera ciceri causing damage to
chickpeas and lentils (Greco et al., 1984; Vovlas et al., 1985). Also the lack of trained nematologists
in the past has often meant a lack of awareness of the importance of nematology in the development
of quarantine guidelines. This has led to the movement of both tropical and temperate plant parasitic
species into new uninfested areas. Good examples in the past are the dissemination of the banana
burrowing and root lesion nematodes (Radopholus similis, Pratylenchus spp.) and of the citrus slow
decline nematode (Tylenchulus semipenetrans) to nearly all areas where these crops are grown. As
a more recent case, we may cite the movement of Globodera rostochiensis into the high altitude
tropical growing areas of the Philippines (Sikora, 1982).

There is a greater diversity of nematode genera and species in subtropical and tropical countries
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than in temperate ones. As many of these nematodes are new taxa, it is evident that there is a great
deal of work for nematode taxonomists in the tropics. This indeed is happening but a big disadvantage
of concentrating on this aspect is that surveys are designed to collect nematodes and not to determine
problems caused by nematodes. This is often the only possible means of establishing new nematology
laboratories with limited staff and financial means. The danger is that such laboratories can limit
their activities to systematics and so become production lines for new species and genera, to the
exclusion of determining the importance of the nematode being described.

Knowing which nematode genera and species occur is the necessary first step, but establishing
the pathogenicity of the nematodes involved in subtropical and tropical agriculture has to be made
a main priority. Many nematodes are now recognized as serious or potentially serious pests of
tropical crops, as detailed in the following chapters, but information on the actual yield losses
caused by the nematodes in different situations and on different crops is still sadly lacking for a
large proportion of these nematodes. This knowledge is essential to provide agricultural scientists,
extension officers and administrators with the information needed to recommend practical and
economic means of controlling the harmful nematodes in the face of all the other constraints on
crop production. The chapters in this book contain pertinent information on nematodes of the most
widely grown crops in subtropical and tropical agriculture but there are still gaps in our knowledge.
The chapters show the extent of damage that can be caused by nematodes which is recognised by
the nematologists concerned but generally not by other agriculturists. This crop damage by nematodes
invariably remains hidden by the many other limiting factors operating in subtropical and tropical
agriculture. Nematodes have rarely been considered or recognized as major limiting factors until all
other constraints on yield increase have been removed (Bridge, 1978).

The practical problems of determining nematode pathogenicity in the tropics can often be far
more difficult than in temperate countries. Problems such as maintaining controlled conditions in
glasshouses or screenhouses with air-conditioning or cooling tanks because of the excessive heat can
be a daunting and expensive task. The stories behind failure of field experiments are legendary in
the tropical countries with everything from lizards to elephants and hurricanes to volcanoes doing
their utmost to frustrate the attempts of nematologists to obtain accurate and replicated results.
Isolated, irrigated field trials during the dry season tend to result in every hungry pest and predator
for some distance around descending in droves on the plots with thanks to the irate research worker.
It does mean that nematologists in the tropical countries have to be more resourceful and patient
than their counterparts in the temperate countries.

There are more intrinsic differences between temperate and tropical areas based mainly on the
wide diversity of nematode crops and agricultural systems.

The range and severity of parasitism on all living organisms, humans, animals and plants, is
greater in the subtropical and tropical countries. Plant parasitic nematodes generally have shorter
life cycles resulting in a more rapid population explosion than in temperate areas. For example, in
temperate areas Heterodera spp. produce generally one or two generations per year, whereas H.
oryzae, in West Africa, produces one generation every 25 days (Merny, 1966). More often than not
a crop is attacked by a number of damaging nematodes. In temperate areas, there are also “‘secondary
species” but most often there is only one main nematode parasite of a crop which is easily recogniz-
able and upon which control efforts can be focussed. This is not the case for many tropical crops
where a number of species of several different genera may be major parasites of a crop. For instance,
sugar cane can be damaged by 10-20 different species of genera such as Meloidogyne, Heterodera,
Pratylenchus, Xiphinema and Paratrichodorus. The component species of a nematode population
do differ from country to country, making predictions of damage that much more difficult. Such
types of multi-species populations have a number of consequences concerning control of the nema-
todes. Firstly, it can seriously hinder the establishment of an effective crop rotation as the host
status of each crop will differ depending on the nematode species present. We have an example of
such a phenomenon in Ivory Coast where Crotalaria was recommended as an intercrop to control
Meloidogyne spp. on pineapple. The intercrop produced an effective control of the root-knot
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nematodes but increased the populations of Pratylenchus brachyurus to levels which were at least
as harmful to the crop as Meloidogyne spp. A second consequence is that multispecies populations
increase the complexity of the search for crop resistance to nematodes; targeting one nematode
species for resistance is normally not sufficient. The lesson of breeding for resistance to one species
of nematode should have been learned with the emergence of the potato cyst nematode Globodera
pallida following extensive planting of G. rostochiensis resistant cultivars.

The most fundamental facts of subtropical and tropical agriculture that differ from the temperate
regions and markedly affect the study and control of plant nematodes are the crops grown, the
cultural practices and the farming systems. Commercial, plantation crops are a common feature of
subtropical and tropical agriculture but by far the largest proportion of cultivated land in most of
the tropical countries is farmed by farmers with small-holdings, using traditional cropping practices.
The crops grown cover a very wide range of grain, root and vegetable food crops, also many different
cash and utility crops. Monocropping is practised but multiple or intercropping is more common.
Much of the traditional agriculture in the tropics is based on the reproduction of crops by vegetative
propagation, in contrast to the dependence upon seed-reproduced plants in the temperate countries.
This can increase the dissemination of nematodes. The outstanding feature of traditional agriculture,
and one that makes life difficult for nematologists, is the complexity of the methods involved (Bridge,
1987). In contrast, modern farming in temperate countries is comparatively simple and the study
and control of the nematodes is also, in comparison, relatively straightforward. The many different
farming systems operating in the tropics fall into four main categories: 1. shifting cultivation; 2.
fallow farming; 3. permanent upland cultivation, and 4. systems with arable irrigation (Ruthenberg,
1983). In some of these farming systems, nematodes are less likely to be causing damage, in others
the cultivation practices will greatly increase the risk of nematodes causing serious yield losses
(Bridge, 1987).

The nematode control methods that can theoretically be employed in the subtropical and tropical
countries differ little from those used in temperate countries but in practice they are more difficult
to implement and need to be considerably modified in many circumstances. There will be obvious
differences in the methods to control nematodes in developed countries compared to developing
countries and in large, modern farms or plantations compared to small rural farms with more
traditional cultivation systems.

Chemical soil treatment is recognized as an essential means of controlling nematodes on a number
of cash crops in the tropics. In many instances these crops cannot be grown economically without
the use of nematicides. The use of nematicides and pesticides to control nematodés is of limited or
no importance on most field crops especially at the subsistence level in developing countries.
Nematicide usuage in the past has been strongly limited by their high price. The choice and
availability of many nematicides is now even more limited with the banning on most of the world
markets of the fumigants D-D, EDB and DBCP. Some of the more easily applied granular, non-
volatile nematicides are effective and are used extensively on a number of crops. They have disadvan-
tages in being expensive and extremely toxic to man and animals when used improperly. Their
availability may be further curtailed because of their recent detection in groundwater. The future
of nematicides for the control of nematodes will depend on the formulation of new compounds that
are effective and environmentally safe. The development of new application technology, for example,
treatment by seedcoating or chemicals applied to irrigation water as well as development of systemic
nematicides that move basipetally, is urgently needed (Thomason, 1987).

The modification of existing agricultural practices in order to control nematode populations is
one of the most acceptable alternatives to chemical control for both the small and large scale farmers
in the tropics. Crop rotation can vary from non-existent, where there is continuous cultivation of a
susceptible crop or crops, through what can be termed random rotation, to a relatively sophisticated
form of rotation. However, most of the rotation schemes in operation have been designed to prevent
disease outbreaks or increase available nutrients, and are not always compatible with nematode
control. With an understanding of the nematodes involved and the accepted cropping systems,
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modifications can be made to produce effective control by rotation of crops. Many other cultural
methods, apart from rotation, can be used and are outlined in the following chapters.

Resistant cultivars can produce the most dramatic increases in the yields of many crops and
appear to hold the solution to most nematode problems, particularly with the recent increase in
research on gene transfer. Unfortunately, this solution is more apparent than real as it is now clear
that such cultivars mainly show resistance to only a limited number of nematode genera. These
nematodes tend to belong to the groups of parasites, such as the Heteroderidae, which have a highly
developed host-parasite relationship where cell modification occurs and is required for successful
reproduction of the nematodes (Luc & Reversat, 1985). Many of the major subtropical and tropical
plant parasitic nematodes belong to the group of migratory endoparasites which cause cell destruction
without modifying the host tissues. Examples are to be found in the genera Radopholus, Pratylenchus,
Hirschmanniella, Scutellonema, Helicotylenchus and Hoplolaimus. At the present time, no true
resistance has been found for this group of nematodes. Even when the possibility does exist, for
nematodes such as Heterodera, Meloidogyne and Rotylenchulus, such research nevertheless remains
aleatory and very costly: many years and several millions of US dollars were necessary to obtain a
cultivar of soybean resistant to Heterodera glycines (Miller, pers. comm.). A major limiting factor
affecting the effectiveness of newly introduced resistant cultivars is the selection of pathotypes or
races that are able to breakdown the resistance. The existence of resistant breaking pathotypes are
major problems in breeding programmes in temperate crops. Similar complications must be expected
when resistant cultivars are bred for tropical crops. Another difficulty which applies more to subtropi-
cal and tropical countries is in the practical introduction of these resistant cultivars. Where resistant
cultivars are available and suited to the conditions prevailing in a country, many other factors have
to be taken into account before their successful introduction. There will be again a marked contrast
in what can be achieved with the big producer compared to the rural farmer, but consideration has
to be given to local needs. A good illustration of this difficulty was when dwarf rice cultivars were
introduced to prevent lodging (Mydral, 1974): people in South East Asia were deprived of their
normal source of rice straw for animal feed, bedding, and thatching material. Because of economic
constraints, research in nematode management in the tropics often focuses on low-input methods
involving crop rotations, multicropping, adjustment of planting and harvest dates, use of various soil
amendments and mulches, trap and antagonistic crops, fallow, flooding, etc. Emphasis on these
forms of control strategies by agricultural scientists working in the tropics and subtropics reflects
increased awareness of the need for nematode management systems that rely less on use of
nematicides. -

We have outlined some of the differences and difficulties facing nematology in the tropics but
wish to emphasize that none of the problems are insurmountable with the appropriate effort,
expertise and backing. You will see, reading through the chapters, that there is a great deal of
accumulated knowledge on the importance of nematodes as plant parasites and, more relevantly,
there are successes in their control. However, nematology in the tropics is underfunded and there
is a shortage of nematologists to work on the problems. Sasser and Freckman (1987) have estimated
that less than 0.2% of the crop value lost to nematodes worldwide is used to fund nematological
research to combat these losses which probably exceed $100 billion annually. The percentage funding
for nematological research in the tropics is considerably less than it is in most of the temperate
countries, which makes the amount infinitesimal. But the need for such research in subtropical and
tropical agriculture is greater than in temperate agriculture. Many temperate countries are suffering
the embarassment of massive surpluses in food production which are not transferable. In contrast,
the majority of countries in the tropics have shortfalls in the production of most crops. An increase
is needed in food crops, to improve the nutritional level of the populations, and in export cash
crops, to obtain essential foreign currency. Solving nematode problems can play an important part
in improving crop yields to the benefit of commercial and subsistence farms, the consumers and
governments.

This book details our present knowledge on plant parasitic nematodes associated with the main
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crops grown in subtropical and tropical agricultural systems. It also includes nematodes of warm
temperate crops growing in semi-arid regions and those of crops growing in high altitude, temperate
regions of the tropics. The presentations are by some of the most experienced nematologists from
both the developed and developing countries who have worked in full cooperation to present a
practical and informative guide to the nematodes found in these areas. The book is by no means
aimed solely at nematologists but is designed to provide up-to-date information on the nematodes
for all people working in agriculture, whether they be crop protection specialists, agronomists,
economists or administrators.
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Chapter 1

Morphology, Anatomy and Biology of Plant
Parasitic Nematodes — a Synopsis

Michel LUC!, David J. HUNT? and Janet E. MACHON?

1. Nematologist ORSTOM, Muséum national d’Histoire naturelle, Laboratoire des Vers,
61 rue de Buffon, 75005 Paris, France and 2. CAB International Institute of
Parasitology, 395a Hatfield Road, St. Albans, Herts, A14 0XU, UK.

Nematodes successfully colonize a greater variety of habitats than any other group of multicellular
animals. They are found in all oceans; from the polar regions to the equator, from the litoral zone
to the abyssal depths; they colonize freshwater lakes, rivers and marshes and all types of soil from
the antarctic to the tropics; they parasitize most groups of animals, including other nematodes, and
a wide variety of algae, fungi and higher plants. However, despite such ecological diversity they are
surprisingly similar in structure.

A very brief, simplified account' of the basic morphology, anatomy and bionomics of plant
parasitic nematodes forms the first part of this chapter and is followed by illustrated descriptions
concentrating on the diagnostic features of the most commonly occurring and/or most important
plant parasitic genera referred to in the corpus of the book, together with other pertinent data.

Morpho-Anatomy of the Plant Parasitic Nematodes

Plant parasitic nematodes can be divided into three major groups: the tylenchs (including tylenchids
and aphelenchids): the longidorids; and the trichodorids (see: Outline Classification, p. 9). The
tylenchs are the most numerous and the most important on a world scale and so will be dealt with
in greatest detail.

Tylenchs (Fig. 1 A-J)
Tylenchs are vermiform animals, usually ranging from 0.2 to 1 mm long, but occasionally over 3mm.
In some genera the female loses the vermiform shape and becomes obese or even globose.
The head end or labial region, when seen en face (Fig. 1C), is typically hexaradiate and has a
central orifice, the mouth, through which the stylet is protruded. Various sensory structures, including

ormation on nematode morpho-anatomy and biology can be found in: Dropkin, V. H. (1980) Introduction to plant
New York, John Wiley & Sons, XIV + 293 p. Maggenti, A. M. (1981) General nematology. New York, Springer
+ 372 p.

n, excellent illustrated descriptions of various plant and insect parasitic nematodes, together with data on biology,
d classification can be found in: Siddiqi, M. R. (1986) Tylenchida Parasites of Plants and Insects. Farnham Royal,
nwealth Agricultural Bureaux, ix + 645 p.
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Fig. 1. Major diagnostic features of plant parasitic nematodes.
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the amphids, occur on the head which is often transversely annulated and usually separated from
the body by a constriction. Internally the head contains a sclerotized framework (or skeleton) to
support the structure and for attachment of the stylet protractor muscles.

The body is enclosed in a cuticle which is usually transversely annulated (H1) and may be
ornamented with a variety of processes in the criconematid forms (I12). Longitudinal ridges occur in
some species. Beneath the cuticle is the hypodermis and the muscles which are attached to four chords
- longitudinal thickening of the cuticle and hypodermis. The lateral chords are better developed than
the ventral and dorsal ones and correspond externally to the lateral field which is marked by a
number of longitudinal lines (H3) or incisures. The central cavity of the nematode, the pseudocoelom,
contains a viscous fluid which acts as an hydrostatic skeleton. Suspended within the fluid are the
three major organs — digestive, reproductive and excretory.

The digestive system comprises: stylet; oesophagus; intestine and rectum. The stylet (D4) is a
protrusible cuticular tube, pointed anteriorly and with a subterminal aperture and generally swelling
posteriorly to form three basal knobs (D5). Protractor muscles run from the knobs to the cephalic
(labial) skeleton.

The oesophagus (or pharynx) comprises a narrow cylinder or procorpus (B6) which expands to
form the median bulb (B7) a muscular swelling containing refringent valve plates (B8) and then
narrows to form the isthmus (A9) before expanding into the oesophageal glands (B10, A11). There
are three glands, one dorsal and two subventral, which may form a bulb-like structure (A11l) abutting
the intestine or be extended into an overlapping lobe (B10). Between the stylet and the oesophago-
intestinal junction runs a central tube, the oesophageal lumen (B12), through which glandular
secretions and food passes. In tylenchids, the dorsal oesophageal gland opens into the oesophageal
lumen near the stylet base (D13) and the two subventral glands open within the median bulb. In
aphelenchids, all three glands open within the median bulb (F14). The intestine (E15) is a largely
undifferentiated tube which opens via the rectum (E16) at the anus (E17) or, in adult males, the
cloaca (J18). In the males of certain genera the digestive system is degenerate and non-functional.

The reproductive system in both sexes is tubular. The female genital system may be composed
of two (E19), usually opposed, branches (didelphic) or reduced to one (monodelphic). In monodelphy
(G20) the posterior branch is reduced to a post-uterine sac (G21) or entirely absent. Each branch
has four major parts: ovary; (G22) oviduct (G23); uterus (G24) and vagina (G25). A specialized
uterine structure for storing sperm, the spermatheca (G26), may be present. The vagina opens to
the exterior via the vulva (G27), a ventrally situated transverse slit in the middle or posterior section
of the body. The male system is less variable. The single genital tube consists of a testis, seminal
vesicle and vas deferens opening to the exterior via a common pore with the rectum, the cloaca
(J18). The copulatory organ consists of the paired spicules (J28) with a guiding piece, the gubernacu-
lum (J29). The protrusible spicules are heavily cuticularized and serve to open the female vulva and
channel sperm. The male tail often has cuticular expansions, the caudal alae (J30) or bursa, which
aid in copulation.

The excretory system consists of a uninucleate gland cell connected via an excretory canal to the
ventrally situated excretory pore (B31). This pore is usually in the oesophageal region but may be
posteriorly located (e.g. Tylenchulus).

The nervous system consists of a circumoesophageal commisure — the nerve ring (E32) - and a
network of nerves connected to body organs and various sensory structures. These sense organs are
mostly on the head (sensillae and amphids), in the oesophageal region (cephalids, deirids, hemizonid
and hemizonion) and on the tail (phasmids).

Longidorids (Fig. 1 L, M) )
Compared with tylenchs these are much longer and range from 0.9-12mm in size. The cuticle is
smooth and lateral fields are absent. The stylet is more properly called an odontostylet and is up to
300 pm long. It consists of needle-like odontostyle (L33) attached posteriorly to a cuticular extension
- the odontophore (L34). The oesophagus consists of a narrow anterior section and a posterior bulb
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which is both muscular and glandular. The female reproductive system is didelphic or monodelphic,
the anterior branch regressing in the latter case. The male spicules are well-developed and have
lateral guiding pieces (M35). There is no gubernaculum or bursa but a series of sensory ventral
supplements (M36) run anteriorly from the cloaca. Some morphological features of tylenchs are
missing (e.g. excretory pore, phasmids, deirids, cephalids).

Trichodorids (Fig. 1 K, N)
Short (0.5-1.1mm) cigar-shaped nematodes with bluntly rounded head and tail. The cuticle is smooth
and may swell with acid fixatives. The stylet or onchiostyle (K37) is curved and the oesophagus
comprises a narrow cylindrical anterior section and a posterior bulboid expansion. The female genital
system is usually didelphic. The male spicules are slightly curved and a weak bursa may be present.
Ventral supplements occur.

Bionomics of Plant Parasitic Nematodes

Reproduction and development

Reproduction is either amphimictic (separate males and females) or parthenogenetic (males absent,
non-functional, or very rare). Eggs are either laid singly or stuck together in masses in a gelatinous
matrix which is secreted by the female. Such egg-masses are associated with species where the
females swell and become sedentary, although some obese genera retain all the eggs within the
body, the cuticle tanning on the death of the female to form a cyst. Egg-sacs and cysts serve to
protect the eggs.

Nematodes typically have four juvenile stages between the egg and adult with intervening moults
allowing an increase in size. In tylenchs the first stage juvenile, J1, moults to the J2 within the egg,
but in longidorids and trichodorids it is the J1 which emerges.

Environmental conditions
Although occupying many different ecological niches, nematodes are essentially aquatic animals.
Plant parasitic nematodes require at least a film of water to enable locomotion and, as all species
spend a greater or lesser proportion of their life within soil, the soil water content is a primary
ecological factor. Many species die in dry soils whilst others may survive in an anhydrobiotic state.
Conversely, too much soil water results in an oxygen deficit and many nematodes succumb - although
certain genera, such as Hirschmanniella, thrive in such conditions.

Soil temperature is not a particularly important factor as it tends to remain reasonably stable.
Most tropical nematodes do not survive prolonged periods below 10°C and some are able to survive
soil temperatures of 50°C if they have sufficient time to enter anhydrobiosis.

Soil structure has an important effect on nematodes as the pore size affects the ease with which
they can move through the soil. In general, sandy soils provide the best environment - soils with a
high clay content or those with an excessively open texture inhibit movement. However, saturated
clay soils can be colonized successfully by certain specialised nematodes, including Hirschmanniella
and some Paralongidorus. Soil pH may influence nematodes, but few data are available for tropical
and subtropical species.

The maxim that ‘where a plant is able to live, a nematode is able to attack it’ is a good one.
Nematodes are even able to attack the aerial parts of plants provided that the humidity is high
enough to facilitate movement. Such conditions are provided in flooded rice fields where foliar
species such as Aphelenchoides besseyi and Ditylenchus angustus can be very damaging.

Hatching, host location and penetration
The eggs of many plant parasitic nematodes are deposited singly, either in the soil or within the
plant tissues, and hatch irrespective of the presence of a host plant, provided that other factors are
favourable.
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In the more advanced parasites, however, the eggs may be embedded in a gelatinous matrix to
form an egg-mass (e.g. Meloidogyne) or retained within the swollen female body, the cuticle of
which tans to form a protective cyst (e.g. Heterodera, Globodera). The eggs of cyst nematodes
require the presence of root exudates from the host to promote hatching and this is associated with
a restricted host range.

Nematodes are attracted to plant roots by a variety of factors which have yet to be fully elucidated.
Such attractive factors can operate over considerable distances — up to one metre in Meloidogyne.
Having found a host there are three main types of parasitism (Fig. 2):

1. ectoparasitic — the nematode does not enter the plant tissues, but feeds by using the stylet to
puncture plant cells — the longer the stylet the deeper it can feed.

2. semi-endoparasitic — only the anterior section of the nematode penetrates the root, the posterior
section remaining in the soil.

3. endoparasitic — the entire nematode penetrates the root. Migrating endoparasites retain their
mobility and move through the tissues feeding as they go. Sedentary endoparasites, on the other
hand, have a fixed feeding site (nurse cells), lose their mobility and become obese.

The above categories are not mutually exclusive as some genera may be semi-endoparasitic or
migratory ectoparasitic depending on the host e.g. Helicotylenchus, whilst some sedentary parasites
have only the anterior section embedded in the root (= sedentary semi-endoparasites) e.g. Rotylen-
chulus, Tylenchulus.

In Meloidogyne and Heterodera/Globodera the J2 is the infective stage, but in ectoparasites and
most migratory endoparasites all stages may feed on or penetrate the root (Fig. 3). Rarely, as in
Rotylenchulus, the immature female is the infective stage, the juveniles and males remaining in the
soil and not feeding.

Host reactions
As ectoparasites do not enter the plant, the damage they cause is usually limited to necrosis of those
cells penetrated by the stylet e.g. Tylenchorhynchus. However, those species with longer stylets (e.g.
Xiphinema, Hemicycliophora, etc) penetrate the tissues more deeply thus killing more cells. As such
nematodes tend to feed on meristematic tissue near the root tips, galling or hooked roots result and
secondary root proliferation may occur if the growing point is destroyed.

Endoparasites not only kill the cells they feed upon but, by burrowing through the root tissues,
they cause extensive destruction leading to cavitation and secondary infection. Successive generations
of nematodes compound the damage and it is not surprising that some of the most pathogenic
nematodes belong to this group (Pratylenchus, Radopholus, Hirschmanniella).

Sedentary endoparasites have a sophisticated relationship with the host involving transformation
of root cells into a trophic system of nurse or transfer cells. The function of these nurse cells is to
act as a nutrient sink so that the sedentary nematode enjoys a continuous supply of nutrients, thus
enabling it to enlarge enormously and produce a large number of eggs. In Meloidogyne multiplication
of the root cells is also stimulated leading to the characteristic galls.

Plants with the root system damaged by nematodes often show above-ground symptoms such as
retarded growth, chlorosis and reduced yield. These symptoms are a direct result of the impaired
ability of the root system to deliver water and nutrients and thus may be confused with similar
symptoms resulting from poor soil conditions and/or nutrient deficiencies.

The exact ways in which nematodes affect plants have yet to be fully elucidated and besides
impairing root function by physical damage, toxins may also be involved. An interesting case involves
‘Ontario peach-decline’ where a very low population of Pratylenchus can kill young trees. The
nematodes metabolize the sugar part of cyanosides in the plant tissue and thus liberate the CNH
radical which is highly toxic to the tree.

In nematology the following terms are used to describe the inter-relationships of host and parasite.
Plants can be divided into hosts or non-hests depending on whether nematode reproduction occurs.
Non-hosts may be immune i.e. no nematode penetration or reproduction, or resistant i.e. allowing
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Fig. 2. Diagrammatic presentation of various types of tylenchid feeding on root tissue. 1. Dirtylenchus. 2. Tylenchorhyn-
chus. 3. Rotylenchus. 4. Hoplolaimus. 5. Helicotylenchus. 6. Rotylenchulus. 7. Meloidogyne. 8. Heterodera. 9. Hemicycli-
ophora. 10. Criconemella. 11. Tylenchulus. 12. Pratylenchus. 13. Hirschmanniella. 14. Nacobbus. (Modified after Siddiqi,
1986).
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Fig. 3. Diagrammatic comparison of the life-cycle of a migratory endoparasite
(left) and a sedentary endoparasite (right). (Modified after Merny, 1972).

nematode penetration/parasitism but not reproduction. Host plants are non-resistant or susceptible
and can be good hosts or poor hosts depending on whether reproduction is high or low. Susceptible
plants which support the lowest levels of reproduction within a dataset have been referred to as
partially resistant or even, in some cases, as ‘resistant’.

Variations in the ability of nematodes to reproduce on given plant species or cultivars are of
great agricultural significance and are of two principal types. Nematode populations, distinguished
by their ability or inability to reproduce on designated plant species are known as host races.
Pathotypes are variants of a host race or species which are distinguished by their ability to reproduce
on a designated host plant genotype (e.g. cultivar, line, etc).

Tolerance refers to the amount of damage caused by the nematode to the plant and should not
be confused with resistance (q.v.). A tolerant host suffers little damage even when heavily infected
whilst an intolerant hest may be severely damaged, even if only lightly infested.

In the absence of a live host nematodes may survive in the soil or in plant residues. Provided that
the environment dries slowly, many nematodes are able to enter a reversible anhydrobiotic state
when they are less susceptible to desiccation, temperature and chemicals. In a number of genera
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the eggs are the survival stage and are protected in a gelatinous matrix (Meloidogyne, Tylenchulus,
Rotylenchulus) or within the hardened cyst-like body of the female (Heterodera, Globodera). In the
later case, infective J2 nematodes may emerge several years after being laid. Anhydrobiosis is
probably more common in tropical and subtropical areas than is currently realized and enables the
nematode to survive the dry season and also some non-chemical control methods such as dry-fallow.
The record for longevity in the anhydrobiotic state is held by seed nematodes, such as Anguina,
where they have been recorded surviving for 39 years. A practical consequence of anyhydrobiosis
is that when extracting dry soil a sufficient period of soaking should be allowed to re-activate the
nematodes.

Identification of the Major Genera

This section is intended to serve as a basic guide to the identification of the major parasitic genera
of tropical and subtropical agriculture. Each generic diagnosis has the major characters printed in
bold and numerically cross-referenced, where appropriate to the illustrations. The descriptions are
designed to be multi-level and should be of benefit to both the novice and the more experienced
user. The systematic arrangement used is outlined in Table 1 although the descriptions are arranged
according to the mode of parasitism — stem or foliar parasites (p. 10), ectoparasites (p. 14), migratory
endoparasites (p. 24), sedentary endoparasites (p. 34) — in order to facilitate rapid comparison
between genera which are systematically distant, yet share a similar biotope.
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TABLE 1 Outline classification.

Order/Sub-order Family Genus Page
TYLENCHIDA
Tylenchina Anguinidae Anguina 12
Ditylenchus 12
Belonolaimidae Tylenchorhynchus 14
Pratylenchidae Hirschmanniella 30
Nacobbus 38
Pratylenchus 28
Radopholus 32
Hoplolaimidae Aorolaimus 26
Helicotylenchus 24
Hoplolaimus 26
Rotylenchulus 40
Scutellonema 26
Heteroderidae Globodera 34
Heterodera 34
Meloidogyne 36
Criconematidae Criconemella 16
Hemicriconemoides 18
Hemicycliophora 18
Tylenchulidae Tylenchulus 42
Aphelenchina Aphelenchoididae Aphelenchoides 10
Rhadinaphelenchus 10
DORYLAIMIDA
Dorylaimina Longidoridae Longidorus 22
Paralongidorus 22
Xiphinema 22
Diphtherophorina Trichodoridae Paratrichodorus 20
Trichodorus 20




10 PLANT PARASITIC NEMATODES IN SUBTROPICAL & TROPICAL AGRICULTURE

Aphelenchoides Fischer, 1894
Systematic position: Aphelenchina, Aphelenchoididae

Morphology: Small to medium sized (0.4~1.2 mm), slender nematodes. Females die straight or
ventrally arcuate on heat relaxation while the male tail curls ventrally to produce a ‘walking-stick’
shape (1). Head region weakly sclerotized; stylet weak, with or without basal swellings. Oesophageal
bulb well-developed, spherical to rounded-rectangular in shape and more or less filling the body
width (2). Dorsal oesophageal gland duct opening within bulb (3), just anterior to the valve plates.
Oesophageal gland lobe overlapping intestine dorsally. Female: vulva posterior (60-75%) (4); genital
tract single, anteriorly directed. Tail medium conoid, with or without terminal mucron(s). Male: tail
medium conoid, spicules well-developed, thorn shaped (5). No bursa.

Biology: Ecto-parasitic on leaves, stems and other parts of higher plants. Most species can also be
readily cultured on various fungal hyphae. A. besseyi can withstand desiccation for several years.
The life-cycle is rapid and can be completed in as little as a week.

Major species: A. arachidis, A. besseyi, A. fragariae, A. ritzemabosi.

Distribution: A. arachidis is only recorded from groundnut in northern Nigeria but the other species
are well-distributed with A. besseyi being found in most rice-growing areas.

Rhadinaphelenchus J. B. Goodey, 1960

Morphology: Similar in general respects to Aphelenchoides but both sexes are very slender (body
length/body width = about 100). In addition, the female has a very long post-vulval sac, a very long,
slightly tapering tail with a rounded tip (6), and a vulval flap (7). The male tail tip bears a small
cuticular flap (8) (‘bursa’) visible most easily in ventral view. Dorsal limb of spicule elongate (9).

Biology: Parasitic in cortical tissues of coconut roots but mainly found in the stem where 10 g of
tissue may contain 50,000 nematodes. Infection often causes the development of a red or orange-
red ring of tissue within the stem (hence the common name of ‘red-ring’ for the nematode). The
nematode is believed to be vectored by the palm-weevil during oviposition and death of the palm
occurs in 2-4 months.

Major species: R. cocophilus (no other species described).

Distribution: Widespread in the Caribbean, Central and South America.

Useful Literature

CIH Descriptions of Plant-parasitic Nematodes, Sets 1-8. CAB International, Wallingford, UK. (Set
1, No. 4; Set 3, No. 32; Set 5, No. 72; Set 8, No. 116).

Dean, C. G. (1979) Red ring disease of Cocos nucifera L. caused by Rhadinaphelenchus cocophilus

(Cobb, 1919) Goodey 1960. An annotated bibliography and review. Technical Communication No.
47. CAB International, Wallingford, UK.

Fig. 4. Aphelenchoides besseyi. A: head; E: postvulval sac; F: tail tips; H: entire female; I: male tails. A. bicaudatus. G: female
tail. A. fragariae. C: female tail; J: male tail; K: spicule. A. ritzemabosi. B: oesophagus; D: female tail tips. Rhadinaphelenchus
cocophilus. L: adults; M: male head. N: female head; O,P: juvenile tail tips; Q: vulva; R: male tail tip; S: female tail; T: male
tail; U: spicules.
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Ditylenchus Filipjev, 1936
Systematic position: Tylenchina, Anguinidae

Morphology: Slender nematodes dying straight or slightly curved ventrally on heat relaxation. Head
skeleton weakly sclerotized (1), stylet of moderate strength and with small basal knobs. Oesophagus
with a muscular median bulb and isthmus gradually expanding to form the basal bulb (2) which may
extend as a lobe over the intestine. Female: vulva well posterior (3). Genital tract single, anteriorly
outstretched. Post-uterine sac present (4). Tail elongate, conoid (5). Male: bursa adanal (6), not
reaching tail tip. Tail elongate, conoid (7).

Biology: Ectoparasites of plant stems and leaves but also found within the tissues. Infected stems
and leaves are often stunted and deformed.

Major species: D. angustus, D. dipsaci.

Distribution: D. angustus is found in rice-growing areas of Bangladesh, Vietnam and other areas
of Asia. D. dipsaci is restricted to the cooler regions of the tropics and subtropics.

Confusable genus: Aphelenchoides

Useful Literature
CIH Descriptions of Plant-parasitic Nematodes, Sets 1-8. CAB International, Wallingford, U.K.
(Set 1, No. 14; Set 5, No. 64).

Fortuner, R. (1982). On the genus Ditylenchus Filipjev, 1936 (Nematoda: Tylenchida). Revue de
Nématologie, 5: 17-38.

Anguina Scopoli, 1777

Morphology: Sexually dimorphic. Adult stages found only in plant galls, juveniles found in galls,
plant tissue or soil depending on stage of life cycle. General morphology similar to Ditylenchus.
Female: obese, medium to large nematodes (1.5-5mm) dying spirally coiled (8) on heat relaxation.
Vulva very posterior with a single, anteriorly directed genital tract which is reflexed two or more
times (9). Numerous oocytes (10). Male: small to medium sized (1-2.5mm) dying ventrally or dorsally
(e.g. as in A. tritici) arcuate. Testis well developed with one or more flexures (11). Bursa adanal (12).

Biology: Forming galls on stems, leaves or flowers of various plants. The J2 stage is found in the
soil and feeds ecto-parasitically on the plant tissues. The final moult takes place after gall formation,
each female laying one to two thousand eggs. As the gall matures and dries, the J2 infectives slowly
desiccate and in this anhydrobiotic state can survive many years.

Major species: A. agrostis, A. tritici

Confusable genus: juveniles in soil very similar to juvenile Ditylenchus.

Useful Literature
CIH Descriptions of Plant-Parasitic Nematodes, Sets 1-8. CAB International, Wallingford, UK (Set
1, No. 13; Set 2, No. 20).

Brzeski, M. W. (1981). The genera of Anguinidae (Nematoda, Tylenchida). Revue de Nématologie,
4: 23-34.

Fig. 5. Anguina agrostis. I: male tail. A. tritici. G: female oesophagus; H: entire male; J: entire female. Ditylenchus angustus. A:
female oesophagus; C: male tail; E: entire female; F: female tail. D. myceliophagus. B: head region; D: oesophagus.
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Tylenchorhynchus Cobb, 1913

Systematic position: Tylenchina, Belonolaimidae

Morphology: Small nematodes (rarely over 1 mm long), dying more or less straight or slightly
curved ventrally on application of gentle heat. No marked sexual dimorphism in form of anterior
region. Head region rounded, continuous with body contour or slightly offset, with thin annules,
and weak sclerotization (1). Stylet slender, 15-30 um long, moderately sclerotized with rounded,
backwardly sloping knobs (2). Lateral field with 2, 3, 4 or 5 lines; cuticle sometimes divided into
blocks. Oesophagus equally developed in both sexes; median bulb fusiform, moderately developed;
oesophageal glands abutting the intestine (3) or, very rarely, overlapping. Female: vulva median
with two equally developed genital tracts (4); one directed anteriorly, one posteriorly. Spermatheca
rounded. Tail about three anal body diameters long, conoid to subcylindrical, with rounded tip (5).
Male: tail elongate, conical-pointed, bursa extending to tail tip (6), trilobed in some species. Spicules
slightly curved.

Biology: Migratory ecto-, semi-ecto- or endo-parasites. Most species bisexual. Polyphagous. Not
considered as being very important parasites. Well distributed in all climatic areas.

Major species: 7. annulatus, T. brassicae, T. mashoodi

Synonyms: Telotylenchus, Quinisulcius, Dolichorhynchus, Trilineellus, Divittus, Morasinema, Tes-
sellus, Neodolichorhynchus, Mulkorhynchus.

Confusable genera: Trichotylenchus, Merlinius, Amplimerlinius

Useful Literature

CIH Descriptions of Plant-parasitic Nematodes, Sets 1-8. CAB International, Wallingford, UK (Set
6, No. 85).

Fortuner, R. & Luc, M. (1987). A reappraisal of Tylenchina (Nemata). 6. The family Belonolaimidae
Whitehead, 1960. Revue de Nématologie, 10: 183-202.

Siddiqi, M. R. (1986). Tylenchida Parasites of Plants and Insects. CAB International, Wallingford,
UK. 645 pp. [see pp. 172-221].

Fig. 6. Tylenchorhynchus annulatus. A: oesophagus; D: head ends; E: entire female; H: lateral field; N: female tails. T. capitatus.
I: entire female; K: male tail; J,L: female tails. T. claytoni. F: adults. T. cylindricus. B: oesophagus. C: head; G: male tail; M:

female tail.
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Criconemella De Grisse & Loof, 1965
Systematic position: Tylenchina, Criconematidae

Morphology: Sexually dimorphic. Female: body 0.20-1mm long, stout, dying straight or slightly
curved, with rounded anterior end, and rounded to conical posterior part. Cuticle provided with
42-200 prominent, retrorse annules (1), with a smooth (2) or finely crenate posterior margin (3).
Labial area not well separated from rest of body, marked by one or two thinner annules. Stylet
strong, basal knobs with a forwardly directed process (4) (= anchor shaped). Oesophagus with a
strong median bulb which is fused with the procorpus; glands forming a small posterior bulb. Vulva
posterior. One genital tract, extending anteriorly (5). Spermatheca laterally situated. Male: Body
slender and short (6). Anterior end rounded. No stylet; oesophagus degenerate. Spicule short,
slightly curved. Bursa weakly developed, exceptionally absent. Tail pointed. Juveniles: Resembling
female. Annules smooth to finely crenate (exceptionally with a row of scales) on posterior margin.

Biology: Migratory ectoparasites on perennial crops, trees and vines. Males non-feeding. Most
species are parthenogenetic. Only a few species have been proved to be harmful. Found in all
geographic areas.

Major species: C. axestis, C. onoensis, C. sphaerocephala, C. xenoplax

Synonyms: Xenocriconemella, Mesocriconema, Madinema, Seshadriella, Neobakernema, Crossone-
moides. Macroposthonia and Criconemoides, two generic names often found in the literature, could
also be regarded as synonyms of Criconemella but are better considered as genera dubia.
Confusable genera: Criconema, Discocriconemella, Hemicriconemoides

Useful Literature

CIH Descriptions of Plant-parasitic Nematodes, Sets 1-8. CAB International, Wallingford, UK. (Set
1, No. 127; Set 2, No. 28).

Raski, D. J. & Luc, M. (1987). A reappraisal of Tylenchina (Nemata). 10. The superfamily Cricone-
matoidea Taylor, 1956. Revue de Nématologie, 10: 409-444.

Fig. 7. Criconemella pseudohercyniensis. D: entire male; E: head region; G: female tail; N: male tails. C. onoensis. H: female
tail. C. sphaerocephala. B: entire female; C: head region female; 1,J: female tails. C. xenoplax. A: entire female; F: female tail;
K: juvenile tail. L: male head; M: male tail.
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Hemicycliophora de Man, 1921
Systematic position: Tylenchina, Criconematidae

Morphology: Sexually dimorphic. Female: Body straight, or slightly ventrally curved, 0.6-1.9 mm
long, stout. Anterior end rounded. Posterior end pointed, more rarely rounded. Cuticle (1) with
two detached layers (= ‘double’ cuticle); external layer marked by numerous (up to 400) prominent,
but not retrorse annules. No true lateral field, but cuticle may be variously ornamented (longitudinal
lines, squares, dots, scratches, etc.). Labial area not separated from body, marked by 2-3 annules.
Stylet strong (2), long, with rounded basal knobs (3). Oesophagus with strong median bulb fused
with the procorpus (4); glands forming a small terminal bulb. Vulva posteriorly situated. One
anteriorly directed genital tract; spermatheca lateral. Vestigial anus and rectum. Postvulval part
generally conical, with pointed terminus, more rarely cylindrical with rounded extremity. Male:
Slender, with simple cuticle. No stylet. Oesophagus degenerate. Spicule strong, semi-circular to hook-
shaped (5). Bursa adanal, well developed. Tail long (6), conical, often presenting a ventral angle to
the body axis. Juveniles: resembling female.

Biology: As for Criconemella
Major species: H. arenaria, H. parvana, H. typica
Confusable genus: Hemicriconemoides
Synonyms: Aulosphora, Colbranium, Loofia
Useful Literature
Brzeski, M. W. (1974). Taxonomy of Hemicycliophorinae (Nematoda, Tylenchida). Zesz. probl.
Postep. Nauk robn. 154: 237-330.
Hemicriconemoides Chitwood & Birchfield, 1957
Systematic position: Tylenchina, Criconematidae
Morphology: Sexually dimorphic (7). Female: Similar in many ways to Hemicycliophora, but shorter
(usually around 0.5 mm long) with fewer annules and very closely adpressed ‘double’ cuticle (8).
Stylet knobs with anteriorly directed processes (9). Tail short, conoid (10).
Biology: Similar to Criconemella.
Major species: H. cocophillus, H. mangiferae
Confusable genera: Caloosia, Hemicycliophora
Useful Literature

CIH Descriptions of Plant-parasitic Nematodes, Sets 1-8. CAB International, Wallingford, UK (Set
7, No. 99).

Fig. 8. Hemicycliophora chathami. A: female oesophagus; B: entire female; C: entire male; D: male head; E: female posterior
region; G: male tail. H. penetrans. F: male tail. H. thienemanni. H: male tail. Hemicriconemoides mangiferae. 1: entire female;
J: entire male; L: female head; M: male tail; N: female tail. H. chitwoodi. K: female stylet.
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Trichodorus Cobb, 1913
Systematic position: Diphtherophorina, Trichodoridae

Morphology: Body stout, 0.8-1.2 mm long, cigar shaped (1). Cuticle smooth. Head continuous with
body contour; papillae prominent. Onchiostyle (= stylet) tripartite, curved (2). Oesophagus anteriorly
slender with a posterior bulboid expansion (3). Female: vulva median with strong vaginal sclerotization
(4), one pair of lateral body pores present within one body width of vulva (5). Typically two genital
tracts present, but very rarely only one is present (= ‘Monotrichodorus’). Tail rounded, very short
(6) with anus almost terminal (7). Male: spicules arcuate, gubernaculum present. Protractor muscles
conspicuous, of unusual form (8) and encapsulating the spicule shafts. Ventral supplements present,
bursa usually absent or very small if present.

Synonym: Monotrichodorus

Paratrichodorus Siddiqi, 1974

Morphology: Very similar to Trichodorus but cuticle markedly swelling with acid fixation (9).
Female: vulva with weak vaginal sclerotization (10). No lateral body pores within one body width of
vulva (11). Male: spicule protractor muscles inconspicuous. Bursa present (12).

Synonyms: Atlantadorus, Nanidorus

Biology: Ectoparasitic on the roots of perennial and woody plants. The main area of attack is just
behind the root tip, restricting root elongation. The root tip is then attacked as are lateral root
initials as they form. The characteristic ‘stubby-root’ syndrome results. Both genera are more
common in light or sandy soils and highest densities tend to occur at depths of 3040 cm. Some
species are known to be virus vectors and it is likely that the other species are potential vectors.

Major species: T. primitivus, T. similis, T. viruliferus, P. minor, P. pachydermus.

Distribution: Worldwide. Trichodorus tends to be more temperate whilst Paratrichodorus is more
tropical.

Confusable genera: each other

Useful Literature

CIH Descriptions of Plant-parasitic Nematodes. Sets 1-8. CAB International, Wallingford, UK.
(Set 1, No. 15; Set 4, No. 59; Set 6, No. 86; Set 7, No. 103; Set 8, No. 112

Decraemer, W. (1980) Systematics of the Trichodoridae (Nematoda) with keys to their species.
Revue de Nématologie 3: 81-99.

Fig. 9. Paratrichodorus minor. A: entire female; B: oesophagus; C: male tail; D: vulva, ventral view; E: vulva, lateral view.
Trichodorus primitivus. F: head region; H: oesophagus; J: male tail; L: vulva lateral view. T. similis. G: female tail; K: vulva,
ventral view. T. viruliferus. I: entire female.
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Xiphinema Cobb, 1913

Systematic position: Dorylaimina, Longidoridae

Morphology: Slender nematodes, 1.5-5 mm long. Head region continuous or offset. Amphidial
apertures a broad slit (1) leading back to a funnel-shaped pouch (2). Stylet very long (60-250 um)
consisting of an anterior odontostyle (3) which is needle-like and has a forked base (4) and a posterior
odontophore (5) with three prominent basal flanges (6). Stylet guiding ring located in posterior half
of odontostyle (7). Oesophagus consisting of a long, narrow, procorpus and a short, glandular, bulb.
Female: vulva usually at 40-50% but may be more anterior. Usually two genital tracts, but when
the vulva is more anterior only the posterior tract remains. Tail very variable from short and rounded
to long filiform. Male: spicules very powerful, arcuate. Ventral supplements form a pre-cloacal row.

Longidorus Micoletzky, 1922

Morphology: Similar to Xiphinema but body thinner and may be up to 11 mm long. Amphids
pouch-like (8) and opening via a minute, inconspicuous pore. Odontostyle/odontophore junction not
forked (9), odontophore lacks flanges (10) and both parts are less strongly cuticularized. Guide ring
in anterior half of odontostyle (11).

Paralongidorus Siddiqi, Hooper & Khan, 1963

Morphology: Similar to Longidorus, but amphids and amphidial aperture (12) as for Xiphinema.
Synonym: Siddigia

Biology: Long lived migratory ectoparasites attacking a wide variety of hosts. The favoured point
of attack is at or near the root tip leading to hooked root-tips and/or terminal galls. Attacked root
systems are stunted, lack developed laterals and show necrosis at the feeding sites. Xiphinema tends
to be more abundant under woody hosts whereas Longidorus and Paralongidorus are more common
under non-woody plants, particularly grasses and cereals. Greatest populations are found below 30
cm. With few exceptions, sandy soils support higher populations than heavier g,'«.\ys. Some species
have been shown to be virus vectors. Reproduction is amphimictic or parthenogenetic.

Major species: X. americanum sensu lato, X. index, X. elongatum, L. africanus, L. laevicapitatus,
P. australis

Distribution: Longidorus is mainly found in cooler areas whilst Xiphinema and Paralongidorus are
more tropical.

Confusable genera: each other

Useful Literature
CIH Descriptions of Plant-parasitic Nematodes. Sets 1-8. CAB International, Wallingford, UK (Set
2, No. 29; Set 3, No. 45; Set 8, No. 117).

Loof, P. A. A. & Luc, M. A revised polytomous key for the identification of species of the
genus Xiphinema, Cobb, 1913 (Nematoda: Longidoridae) with exclusion of X. americanum group.
Systematic Parasitology (in press).

Fig. 10. Longidorus fursti. A: oesophagus; N. female tail. L. elongatus. D: head region. Paralongidorus natalensis. B: oesophagus; E:
head region. Xiphinema diversicaudatum. J: entire male X. heynsi. G. male tail; H: entire female; K: female tail. X. mam-
matum. O: male tail. X. neobasiri. F: head region; I: entire female; L. female tail. X. savanicola. C: oesophagus; M: female tail.
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Helicotylenchus Steiner, 1945
Systematic position: Tylenchina, Hoplolaimidae.

Morphology: Small to medium-sized nematodes (0.4-1.2 mm) usually dying in a spiral (1) (rarely
C-shaped) on heat relaxation. Head region conoid-rounded, rarely truncate, sclerotization moderate.
Stylet well-developed, usually 34 times the lip width in length (2) and with rounded or cup shaped
knobs. Opening of dorsal oesophageal gland duct 25-50% of stylet length posterior to knobs (3).
Oesophageal gland lobe overlapping intestine mainly ventrally (4). Female: vulva posterior (5)
(60-70%), both genital tracts usually fully developed, posterior branch rarely reduced and non-
functional (= “Rotylenchoides”) . Tail short, usually dorsally convex-conoid or hemispherical. A
terminal projection may be present. Phasmids small, dot-like (7). Male: Tail short (8), spicules well
developed, arcuate. Bursa reaching tail tip.

Biology: Ecto-parasitic, semi-endoparasitic or endoparasitic nematodes of roots. All stages can be
found in the root cortex but migration through the tissues has not been reported. Small lesions are
formed which become necrotic as secondary invasion proceceds. Polyphagous. Most species are
parthenogenetic but one of the commonest and most damaging species, H. multicinctus, is bisexual.
Major species: H. dihystera, H. erythrinae, H. mucronatus, H. multicinctus, H. pseudorobustus.
Distribution: Throughout the tropical and subtropical areas.

Synonym: Rotylenchoides

Confusable genus: Rotylenchus (has dorsal oesophageal gland duct opening more anterior and dorsal
overlap of gland lobe).

Useful Literature
CIH Descriptions of Plant-parasitic Nematodes, Sets 1-8. CAB International, Wallingford, UK. (Set
1, No. 9; Set 2, No. 23; Set 8, No. 109).

Boag, B. & Jairajpuri, M. S. (1985). Helicotylenchus scoticus n.sp. and a conspectus of the genus
Helicotylenchus Steiner, 1945 (Tylenchida: Nematoda). Systematic Parasitology 7. 47-58.

Fig. 11. Helicotylenchus dihystera. B: females; E: female tails. H. multicinctus. A: entire female; C: males and females. F: female
tails; G: male tail. H. pseudorobustus. D: oesophagus; H: entire female. Rotylenchus buxophilus. 1: oesophagus.
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Hoplolaimus von Daday, 1905
Systematic position: Tylenchina, Hoplolaimidae

Morphology: Nematodes of medium length (1-2 mm) dying slightly curved ventrally on application
of gentle heat. Head region high, offset, rounded and with massive sclerotization (1). Basal lip annule
may be divided into small squares. Stylet massive, 40-50 um long, with well developed basal knobs
bearing anterior tooth-like projections (2). Oesophagus well-developed with a dorsally overlapping
gland lobe (3) containing 3 or 6 nuclei. Female: vulva median, genital system consisting of two
opposed tracts. Tail short, bluntly rounded. Phasmids enlarged to form scutellae, one being between
the anus and the vulva (4) and the other anterior to the vulva (5). Male: tail short, spicules well-
developed, arcuate. Bursa extending to tail tip. Scutellae situated at similar relative positions to the
female.

Major species: H. columbus, H. indicus, H. pararobustus, H. seinhorsti

Synonyms: Basirolaimus, Hoplolaimoides

Scutellonema Andrassy, 1958

Morphology: Small to medium sized nematodes (0.3-1.5 mm) usually dying in a C-shape or open
spiral, Head region with moderate sclerotization (6). Stylet of medium development with rounded
knobs (7). Qesophagus with dorsal overlap. Female: vulva median with two opposed genital tracts.
Tail short, bluntly rounded. Phasmids enlarged to form scutellae which are opposite one another and
either on or very near to the tail (8). Male: tail short, spicules well-developed, arcuate. Bursa
extending to tail tip. Scutellae opposite one another on tail region.

Major species: S. brachyurus, S. bradys, S. cavenessi

Aorolaimus Sher, 1964

Morphology: Similar to Scutellonema in general characters but females differ in having the scutellae
well anterior to the anus (yet posterior to the vulva) (9) and not opposite one another. Males have a
similar arrangement of the scutellae and the bursa is large, often extending beyond the tail tip as two
lobes (10).

Major species: A. luci
Synonym: Peltamigratus Sher, 1964

Biology: All three genera are migratory endoparasites of roots and/or tubers. Most species are
polyphagous. Reproduction can be amphimictic or parthenogenetic. Scutellonema bradys causes a
serious dry rot of yam tubers.

Distribution: Widespread in tropical and subtropical areas although Aorolaimus is more restricted
to S. America and parts of Africa.

Useful Literature
CIH Descriptions of Plant-parasitic Nematodes, Sets 1-8. CAB International, Wallingford, UK. (Set
1, No. 10; Set 3, No. 33; Set 4, No. 54; Set 5, No. 66; Set 6, Nos. 76, 81).

Bittencourt, C. & Huang, C. S. (1986) Brazilian Peltamigratus Sher, 1964 (Nematoda: Hoplolaimi-
dae), with descriptions of six new species. Revue de Nématologie 9: 3-24.

Germani, G., Baldwin, J. G., Bell, A. H. & Wu, X. Y. (1985). Revision of the genus Scutellonema
Andrassy, 1958 (Nematoda: Tylenchida). Revue de Nématologie 8: 289-320.

Fig. 12. Aorolaimus luci. K: posterior region; L,M: male tails. Hoplolaimus indicus. A: adults; C: oesophagus. H. pararobustus.
D: oesophagus; E: female tail; F: male tail. H. seinhorsti. B: stylet. Scutelionema brachyurus. G: head region; H: female tail;
L,J: adult females.
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Pratylenchus Filipjev, 1936

Systematic position: Tylenchina, Pratylenchidae

Morphology: Small nematodes (less than 1 mm long) dying slightly curved ventrally on application
of gentle heat. No marked sexual dimorphism in form of anterior region (1). Head region low,
flattened (2), usually appearing as a flat, black cap under the stereomicroscope. Lip region divided
into 2, 3 or 4 annules and continuous with the body contour; strongly sclerotized. Stylet 20 pm or
less in length (i.e. about twice the head width) moderately sclerotized and with rounded or anteriorly
concave knobs. Oesophagus equally developed in both sexes, median bulb well-developed; oeso-
phageal gland lobes overlapping the intestine ventrally (3). Female: vulva well posterior at 70-80%
of body length (4); genital system with a single anteriorly directed tract and a variable post-vulval
section which may show some differentiation but is never functional (5) (mono-prodelphic); sperma-
theca oval or round and usually filled with sperm in bisexual species; tail sub-cylindrical or more or
less conoid with a broad to narrowly rounded (6) or truncate terminus (7) which may be smooth (8)
or annulated (9). Male: tail short, dorsally convex-conoid; bursa extending to tail tip (10); spicules
slender, arcuate.

Biology: Migratory endoparasites with all stages found in the root cortex. Low soil populations can
be associated with high root populations. The nematodes feed mainly on cortex cells and form
cavities containing ‘nests’ or colonies of nematodes of all stages. Discolouration of affected tissues
is usually pronounced. Above ground symptoms of attack include chlorosis and stunting.

Some species reproduce sexually while others are parthenogenetic. The life-cycle can be completed
in three to four weeks and the nematodes can survive in the absence of host plants for several
months. Most important species are polyphagous, although P. goodeyi may be restricted to banana.

Major species: P. brachyurus, P. coffeae, P. goodeyi, P. penetrans, P. zeae

Distribution: P. brachyurus, P. coffeae and P. zeae are widely distributed in tropical and sub-
tropical areas; P. penetrans mainly in cooler regions of the tropics; P. goodeyi on banana in Crete
and the Canary Islands and in the cooler areas of Ethiopia, Kenya, Tanzania, Uganda and Burundi.

Confusable genus: Radopholus

Useful Literature
CIH Descriptions of Plant-parasitic Nematodes, Sets 1-8. CAB International, Wallingford, UK. (Set
1, No. 6; Set 2, No. 25; Set 6, Nos. 77, 89; Set 8, No. 120).

Café Filho, A. C. & Huang, C. S. (1989) Description of Pratylenchus pseudofallax n.sp. with a key
to species of the genus Pratylenchus Filipjev, 1936 (Nematoda: Pratylenchidae) Revue de Nématolo-
gie, 12: 7-15.

Handoo, Z. A. & Golden, A. M. (1989). A key and diagnostic compendium to the species of the
genus Pratylenchus Filipjev, 1936 (Lesion nematodes). Journal of Nematology, 21: 202-218.

Loof, P. A. A. (1978). The genus Pratylenchus Filipjev, 1936 (Nematoda: Pratylenchidae): a review
of its anatomy, morphology, distribution, systematics and identification. Vaxskyddsrapporter, Jord-
bruk 5 Uppsala. Sweden, 50 pp.

Fig. 13. Pratylenchus zeae. A: oesophagus; K: female tail; O: male tail; Q: female genital tract. P. vulnus. B: female head; C:
male head. P. brachyurus. D: female head; F: female tail. P. pratensis. E: entire female; L: female tail. P. goodeyi. G,H: female
tail. P. coffeae. M,N: female tail. P. penetrans. 1, J: female tail.



29

MORPHOLOGY, ANATOMY AND BIOLOGY OF PLANT PARASITIC NEMATODES




30 PLANT PARASITIC NEMATODES IN SUBTROPICAL & TROPICAL AGRICULTURE

Hirschmanniella Luc & Goodey, 1963
Systematic position: Tylenchina, Pratylenchidae

Morphology: Medium-sized to long, slender nematodes (1-4 mm) dying more or less straight or
ventrally arcuate (1) on application of gentle heat. No marked sexual dimorphism in form of anterior
region (2). Head region continuous with body contour, hemispherical (3) or anteriorly flattened (4).
Stylet strongly developed (15-46 pm) with rounded basal knobs. Oesophageal glands elongate and
overlapping the intestine in a long ventral lobe (5). Female: vulva median (6); genital system with
two functional and equally developed genital tracts (7), one anteriorly and one posteriorly, directed;
tail elongate, conoid (8), terminal mucron often present (9). Male tail similar to female (10); bursa
not reaching to tail tip (11), spicules slender, arcuate.

Biology: Migratory endo-parasites, mainly of roots, but also corms and rhizomes, where they move
freely through the tissues. Eggs are laid within the root and development to the adult takes about
5-6 weeks. The genus is associated with aquatic environments — marsh, freshwater and marine. Most
species are bisexual.

Major species: H. mexicana (= caudacrena), H. imamuri, H. miticausa, H. mucronata, H. oryzae,
H. spinicaudata

Distribution: The genus is distributed worldwide in suitable habitats. H. oryzae is the major
species and is well-distributed in the rice-growing areas of India, Bangladesh, Malaysia, Indonesia,
Philippines, Japan. It is also found in parts of Africa and South America.

Confusable genus: Radopholus

Useful Literature
CIH Descriptions of Plant-parasitic Nematodes, Sets 1-8. CAB International, Wallingford, UK. (Set
2, No. 26; Set 5, No. 68).

Ebsary, B. A. & Anderson, R. V. (1982). Two new species of Hirschmanniella Luc & Goodey,
1963 (Nematoda: Pratylenchidae) with a key to nominal species. Canadian Journal of Zoology, 60:
530-535.

Fig. 14. Hirschmanniella spinicaudata. A: entire female; B: entire male; C: female head; D: male head; I: oesophagus; K: male
tail; L: spicules. H. oryzae. H: female head; N: female tail; P-S; female tail terminus. H. magna. E: female head; F: male head;
J: male cloacal region. H. mucronata: female head. H. nana. (= H. oryzae). M: entire female. H. diversa. O: female tail.
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Radopholus Thorne, 1949

Systematic position: Tylenchina, Pratylenchidae

Morphology: Small nematodes (less than 1 mm long) dying more or less straight or slightly curved
ventrally on application of gentle heat. Marked sexual dimorphism in form of anterior region (1):
female head region low, rounded, continuous or slightly offset from body contour; male head region
higher, often knob-like and more offset. Male cephalic sclerotization, stylet and oesophagus reduced
(2); female cephalic sclerotization strong, stylet and oesophagus well-developed (3). Median bulb in
female oesophagus well-developed and oesophageal glands overlapping the intestine mostly dorsally
(4). Female: vulva median (5), usually with two functional and equally developed genital tracts (6)
but posterior tract may be reduced, spermathecae rounded and with sperm in bisexual species; tail
elongate (7), conoid (about 60 um long in R. similis). Male: tail elongate (8), conoid, ventrally
arcuate; bursa not reaching to tail tip (9) in R. similis and most other species; spicules slender,
arcuate.

Biology: Migratory endoparasites of root and corm/tuber tissues. In roots the feeding activities are
restricted to the cortex causing cavitation, discolouration and severe damage allowing secondary
invasion by other micro-organisms. The adult male is non-feeding. The major species is R. similis
which has two recognised host races or biotypes. R. similis similis attacks banana and many other
plants, but not citrus, whereas R. similis citrophilus (recognised as a separate species by some
authorities on differing chromosome count and minor morphological details) attacks both citrus and
banana as well as a variety of other plants. However, it is possible that R. similis similis includes a
range of host races.

Major species: R. similis similis, R. similis citrophilus

Distribution: The majority of species have been described from Australasia. However, R. similis
similis is found worldwide in tropical regions and occurs virtually everywhere that banana is grown.
R. similis citrophilus is only recorded from Florida at present.

Synonyms: Neoradopholus, Radopholoides

Confusable genera: Achlysiella, Pratylenchus, Hirschmanniella.

Useful Literature

CIH Descriptions of Plant-parasitic Nematodes, Sets 1-8. CAB International, Wallingford, UK. (Set
2, No. 27).

Colbran, R. C. (1970) Studies of plant and soil nematodes. 15. Eleven new species of Radopholus
Thorne and a new species of Radopholoides de Guiran (Nematoda: Tylenchoidea) from Australia.

Queensland Journal of Agricultural and Animal Sciences, 27 437-460.

Sher, S. A. (1968) Revision of the genus Radopholus Thorne, 1949 (Nematoda: Tylenchoidea).
Proceedings of the Helminthological Society of Washington, 35: 219-237.

Fig. 15. Radopholus similis. D,E: female head; F,G: male head; H: entire female; K,L: female tails; M: male tail. R. rorundise-
menus. A: entire female. R. inaequalis. B: female head; C: male head; N: female tail; O: male tail. R. vangundyi. I: male
oesophagus; J: female oesophagus; P: male tail.
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Heterodera

Schmidt, 1871
Systematic position: Tylenchina, Heteroderidae

Morphology: Sexually dimorphic. Female: obese, lemon-shaped, 300600 um, in diameter with a
distinct neck (1) and either partially enclosed in root tissue or in the soil. Vulva subterminal, near
anus. Cuticle thick, whitish at first but tanning to a brownish-black colour as the cyst matures. Eggs
retained within the protective cyst. Vulva and anus located on a terminal cone with two translucent
areas, the fenestrae, on either side of the vulval slit (2). Two convoluted genital tracts. In young
females the excretory pore can be seen at the level of, or posterior to, the median bulb valve plates
(3). Male: vermiform with the body often twisted through 180° on heat relaxation; found free in soil.
Stylet and head skeleton robust. Tail short, hemispherical. Spicules opening subterminally (4). No
bursa. Juvenile (J2): vermiform, 450-600 pm long. Stylet and head skeleton robust (5), tail conical
with hyaline area starting well before tail terminus (6).

Synonym: Bidera.

Globodera Skarbilovich, 1959

Morphology: Similar to Heterodera but the cyst is globese (7) (i.e. the vulva and anus are not on
a terminal cone) and the vulval slit is surrounded by a single, circular, fenestra (8).

Biology: In most species all the eggs are retained within the mature cyst, although in some a few
eggs are also held in an external gelatinous matrix. Eggs often hatch in response to root exudates
from a host plant, although other hatching factors can be involved. The J2 emerges from the egg,
invades a root and induces a feeding site composed of syncitial nurse cells. Root galling is not
induced. The J2 swells and moults three times to form the adult female which enlarges rapidly, the
posterior region bursting through the root epidermis. Males are more commonly produced when
food is in short supply. They assume a vermiform state within the J4 cuticle before burrowing out
of the root into the soil. Females produce several hundred eggs, and after death, the cuticle of the
female tans to form a protective cyst.

Major species: H. avenae, H. cajani, H. ciceri, H. glycines, H. latipons, H. sacchari, G. pallida, G.
rostochiensis

Distribution: Most Hererodera species are more tropical or subtropical whereas Globodera species
tend to be confined to the cooler areas.

Confusable genera: Cactodera, Punctodera. J2 infectives can be confused with those of Meloidogyne.
Useful Literature

CIH Descriptions of Plant-parasitic Nematodes. Sets 1-8. CAB International, Wallingford, UK. (Set
1, No. 2; Set 2, Nos 16, 17; Set 4, No. 48; Set 8, No. 118).

Golden, A. M. (1986). Morphology and identification of cyst nematodes. In: Cyst Nematodes. Ed.
Lamberti & Taylor, NATO ASI Series, Plenum Press, London, pp. 23-46.

Fig. 16. Globodera rostochiensis. C: female anterior region; G: entire cysts; K: perivulval area. Heterodera avenae. E: male tail;
F: cysts; I: perivulval area. H. glycines. J: perivulval area. H. oryzae. D: juvenile tail. H. sacchari. A: J2 ocesophagus; B: juvenile
(J2 infective). H. schachtii. H: developmental stages.
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Meloidogyne Goeldi, 1887
Systematic position: Tylenchina, Heteroderidae

Morphology: Sexually dimorphic. Female: embedded in root tissue, globose, 0.5-0.7 mm in diameter
with a slender neck (1). Vulva subterminal near anus (2). Cuticle whitish, thin, annulated. Stylet
short, moderately sclerotized. Head skeleton weak. Excretory pore anterior to median bulb valve
plates (3) and often near stylet base. Two convoluted genital tracts. Eggs deposited outside the body
in a gelatinous matrix. Male: vermiform (4), free-living in soil, 1-2 mm long. Body usually twisted
through 180° along its length on heat relaxation. Stylet and head skeleton robust. Tail short (5),
hemispherical. Spicules robust. Bursa absent. Juveniles (J2): Slender, vermiform (6), about 450 um
long. Stylet and head skeleton weakly sclerotized. Tail conical with hyaline portion starting near the
tail tip (7).

Biology: In most species the eggs are retained within a gelatinous matrix outside the swollen female
body. On hatching the J2 invades a host root and induces a trophic system of giant cells. Cortical
cells are also induced to multiply and so form the characteristic gall. The remainder of the life cycle
is similar to Heterodera/Globodera except that, in most species, the females do not normally burst
out of the root as they are surrounded by the gall tissue.

Major species: M. arenaria, M. exigua, M. graminicola, M. incognita, M. javanica.
Distribution: Widely distributed throughout the tropical and subtropical regions.
Synonym: Hypsoperine

Confusable genera: Nacobbus, Heterodera/Globodera. J2 infectives can be confused with those of
Heterodera/Globodera.

Useful Literature
CIH Descriptions of Plant-parasitic Nematodes. Sets 1-8. CAB International, Wallingford, UK. (Set
1, No. 3; Set 2, No. 18; Set 4, No. 49; Set 5, No. 62; Set 6, No. 87).

Jepson, S. B. (1987). Identification of root-knot nematodes (Meloidogyne species). CAB Inter-
national, Wallingford, UK. 252pp.

Sasser, J. N. & Carter, C. C. (Editors) (1985). An advanced treatise on Meloidogyne. Vols. I & II.
North Carolina State University, Raleigh, USA.

Fig. 17. Meloidogyne arenaria. O: perineal pattern. M. chitwoodi. C: male M. exigua. K: perineal pattern. M. graminicola. F:
juvenile tail; L: perineal pattern. M. hapla. E: juvenile tails; N: perineal pattern. M. incognita. I: developmental stages of male
and female; M: perineal pattern. M. javanica. A: J2 infective; H: development of female; J: perineal pattern. M. naasi. B: J2
infective; D: female oesophageal region.
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Nacobbus Thorne & Allen, 1944
Systematic position: Tylenchina, Pratylenchidae

Morphology: Sexually dimorphic. Immature female (in soil or in roots). Vermiform, slender (1),
0.6-1 mm long. Labial area rounded, continuous with body contour. Cephalic sclerotization strong
(2); stylet robust, with rounded basal knobs (3). Oesophagus with strong median bulb and strong
valves; oesophageal glands long, dorsally overlapping the intestine (4). Vulva pesteriorly situated
(5) (V = 90-95%); vulval lips not protruding. One anterior genital tract. Tail short, rounded.
Mature females: (in roots). Body saccate; anterior and posterior portions tapering (6). Genital tract
convoluted, spermatheca axial, generally filled with sperm. Tail short. Male: Similar to immature
female, except for sexual characters. Spicules curved. Tail short; bursa reaching tail tip (7). Juveniles:
Resembling immature female.

Biology: The eggs are laid within a gelatinous matrix formed by the female. On hatching, the J2
invades a root, but does not form a fixed feeding site. Instead the juveniles migrate through the
tissue and may even leave the root and enter another. The J3 and J4 stages are less mobile. After
the final moult the immature female may leave the root and enter another before taking up a position
near the vascular tissue and initiating a syncitial trophic system and gall formation. As the female
develops, the posterior section extends towards the epidermis and an opening in the gall is formed
through which the gelatinous matrix and eggs are extruded.

Major species: N. aberrans, N. dorsalis

Distribution: Known only from the Americas.

Confusable genus: Meloidogyne

Useful Literature

CIH Descriptions of Plant-parasitic Nematodes, Sets 1-8. CAB International, Wallingford, UK. (Set
8, No. 119).

Doucet, M. E. (1989). The genus Nacobbus Thorne & Allen, 1944 in Argenfina. 1. Study of a

population of N. aberrans (Thorne, 1935) Thorne & Allen, 1944 on Chenopodium album L. from
Rio Cuarto, Province of Cordoba. Revue de Nématologie, 12: 17-26.

Fig. 18. Nacobbus aberrans: Immature female. A: oesophagus; B: head; D,E: posterior region; G: entire. Male. C: tail. Mature
female. F: developmental stages.
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Rotylenchulus Linford & Oliveira, 1940

Systematic position: Tylenchina, Hoplolaimidae

Morphology: Sexually dimorphic. Immature female (free in soil): Body vermiform, small (0.23-0.64
mm), dying ventrally arcuate on application of gentle heat. Head region rounded to conoid, continu-
ous with body contour (1), striated. Cephalic sclerotization of medium development. Stylet of
medium strength, with rounded basal knobs. Oesophagus with well-developed median bulb and
valves; dorsal oesophageal gland opening well posterior to stylet base (2) (0.6-1.9 times the stylet
length); glands well developed with a long lateral overlap. Vulva posteriorly situated (V = 58-72);
vulval lips not protuberant (3). Two genital tracts, each with a double flexure. Tail conoid, with
rounded terminus. Mature female (on roots): Swollen to kidney shaped body (4). Anterior part
irregular. Vulval lips protruding (5). Genital tracts convoluted. Male: Vermiform. Cephalic sclerotiz-
ation, stylet and oesophagus reduced (median oesophageal bulb weak, without valves) but conspicu-
ous. Spicules curved. Tail pointed. Bursa not reaching tail tip. Juvenile: Resembling immature
female, but shorter, and lacking vulva and genital tracts.

Biology: The eggs are laid in a gelatinous matrix. On hatching the juveniles moult to the immature
female or male without feeding. The immature female is the invasive stage, but only the anterior
section penetrates the root tissue, the posterior part remaining in the soil and becoming obese (i.e.
a sedentary semi-endoparasite). About 50 eggs are deposited in a gelatinous matrix which is secreted
by specialized vaginal cells.

Major species: R. borealis, R. parvus, R. reniformis

Distribution: R. reniformis is almost ubiquitous in tropical and subtropical soils, but the other
species are more restricted in their distribution.

Confusable genus: Senegalonema

Useful Literature
CIH Descriptions of Plant-parasitic Nematodes, Sets 1-8. CAB International, Wallingford, UK. (Set
1, No. 5; Set 6, No. 83).

Dasgupta, D. R., Raski, D. J. & Sher, S. A. (1968). A revision of the genus Rotylenchulus
Linford & Oliveira, 1940 (Nematoda: Tylenchidae) Proceedings of the Helminthological Society of
Washington. 35: 169-192.

Fig. 19. Rotylenchulus parvus. 1,N: mature females; J: immature female; K: juvenile tail; L,M: immature female tails. R.
reniformis. A: immature female; B: juvenile; C: male; D: male tail; E: female head; F: male head; G: female tail development;
H: mature females.
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Tylenchulus Cobb, 1913

Systematic position: Tylenchina, Tylenchulidae

Morphology: Sexually dimorphic. Immature female (free in soil): Body vermiform, ventrally curved
posteriorly, small (under 0.5 mm). Head region rounded, continuous with body contour. Cephalic
sclerotization weak. Stylet of medium development (1) with rounded basal knobs. Oesophagus with
strong median bulb which is not well separated from the procorpus (2); glands forming a basal bulb
(3). Vulva very posteriorly situated (4); genital tract single, anteriorly outstretched. Excretory pore
very posteriorly situated (5), slightly anterior to the vulva. Tail conical. No anus or rectum. Mature
female: Anterior part embedded in root tissue (6), irregular, slender, with thin cuticle (7). Posterior
part, bursting out of root, swollen with very thick cuticle (8) and a pointed postvulvar section;
excretory pore and vulva very posterior (9). Excretory cell well developed, and producing a gelatinous
matrix. Genital tract convoluted, with several eggs. No anus, or rectum. Male: Body vermiform,
short and slender. Cephalic sclerotization, stylet and oesophagus reduced (10). Spicules slightly
curved. No bursa. Tail conical, pointed. Juvenile: Body vermiform. Cephalic sclerotization, stylet
and oesophagus similar to those of immature females. Tail long, pointed. Genital primordium
differently shaped in male and female juveniles from J2 onwards.

Biology: The eggs are contained in a gelatinous matrix which is produced by the excretory cell.
After hatching, male juveniles moult to the adult without feeding whilst female juveniles feed on
cortical cells. The immature female penetrates deeper into the root, the anterior end reaching deep
into the cortex whilst the posterior section remains in the soil and becomes obese. A highly
sophisticated system of trophic nurse cells is initiated around the female head. [Note: a heavily
infested citrus root, when carefully rinsed in water, retains a collar of earth adhering to the gelatinous
egg-sacs underneath].

Major species: T. semipenetrans

Distribution: Found almost everywhere that citrus is grown on any scale.
Confusable genus: Trophotylenchulus

Useful Literature

CIH Descriptions of Plant-parasitic Nematodes, Sets 1-8. CAB International, Wallingford, UK. (Set
3, No. 34).

Fig. 20. Tylenchulus semipenetrans. A: mature female; B: juvenile oesophagus; C: immature female oesophagus; D: male
oesophagus; E: development of male; F: development of female; G: immature female vulval region: H,I: male tails; J: mature

females on root.
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Reproduction of the following illustrations is gratefully acknowledged:

Cahier ORSTOM, série Biologie. Luc, M. 11, 5-131 (Fig. 7 H). Journal of Nematology. Sher, S. A. 2 228-235 (Fig. 18 A-F).
Nematologica. Sher, S. A. 9, 267-295 (Fig. 12 K-M); 14, 243-275 (Fig. 14 M, Q). Phytopathology. Raski, D. J. 40, 135-152. (Fig.
16 H). Phytophylactica. Jacob, P. J. F. & Heyns, J. 14, 169-178 (Fig. 10 A,B,E,N). [Reproduced under South Africa government
printer’s copyright authority 9017 of 5 July 1989). Proceedings of the Helminthological Society of Washington. Dasgupta, D. R.,
Raski, D. J. & Sher, S. A. 35, 169-192 (Fig. 19 A-N); Sher, S. A. 35, 219-237 (Fig. 15 A-G, 1-P); Siddiqi, M. R. 33, 173-177
(Fig. 14 E-G, J). Quimi, V. H. Swudies on the false root-knot nematode Nacobbus aberrans. Unpublished thesis, University of
Reading (Fig. 18 G). Revue de Nématologie. Luc, M. & Southey, J. F. 3, 243-269 (Fig. 1 R,N; 10 C,M); Siddigi, M. R. 2, 51-64
(Fig. 1 RN, 10 F-H, K,L,0); 3, 179-199 (Fig. 8 A-E,G). Soil and freshwater nematodes. Goodey, J. B. Methuen. pp 544 (Fig.
20 A). Systematic Parasitology. Orton Williams, K. J. 8, 207214 (Fig. 8 A-E, G) [Reprinted by permission of Kluwer Academic
Publishers]. United States Department of Agriculture. (Fig. 15 H. After Cobb, 1915). All other illustrations courtesy of CAB
International.



Chapter 2

Extraction and Processing of Plant and Soil
Nematodes

David J. HOOPER

Entomology and Nematology Department, AFRC Institute of Arable Crops Research,
Rothamsted Experimental Station, Harpenden, Herts., ALS 2JQ, UK.

Introduction

Details are given of the methods for the extraction and handling of plant and soil nematodes. There
are many modifications to the basic methods often determined by local supplies of equipment and
operating conditions. More detailed information is given in Southey (1986); also, Hooper (1987)
discusses factors affecting the curation of nematodes.

Collection and storage

1. Most migratory plant parasitic nematodes are found around plant roots and so rhizosphere samples -
are preferable. Badly stunted plants may have too small a root system to support many nematodes
and samples from nearby, less affected, plants may yield more specimens. Usually few nematodes
occur in the top 5 cm of soil which can be discarded from samples. Soil samples and plant material
to be examined for nematodes should be kept moist. Polythene bags are excellent containers for
samples; soil and/or roots keep well in them but whole plants are best kept separate from soil. Plant
tops usually decompose faster than roots and should be in separate bags if they are to be stored for
more than a day or two. Warm storage adversely affects the extraction of nematodes from plants
and soil, so samples should be kept cool, 10°C if possible, and out of direct sunlight. It is common
practice to store samples in refrigerators but low temperature (c. 5°C) can adversely affect the
recovery of some nematodes from tropical soils (Whyte & Gowen, 1974). For the fixation/preserv-
ation of plants and soils see sections 26 and 28, respectively.

Direct examination of plant material

2. Nematodes can usually be seen by examining small amounts of plant tissue with a stereoscopic
microscope at magnifications from 15 to 50x using transmitted and/or incident light. Roots should
first be gently washed to remove as much soil as possible. Examine the tissue in water in an open
Petri dish or large watch glass, and tease it apart with strong mounted needles. Nematodes released
from the tissues will float out and can be collected with a handling needle or fine pipette. Nematodes
tend to migrate from damaged tissue and it is often worthwhile to re-examine the sample after 2 or

Plant Parasitic Nematodes in Subtropical and Tropical Agriculture M. Luc, R. A. Sikora and J. Bridge (eds) © CAB International
1990
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3 hours. To recover females of root-knot nematodes (Meloidogyne spp.) from roots, carefully tease
away the tissue with forceps and a fine needle to release the head and neck; avoid puncturing the
body. Dissection and storage in 0.9% NaCl helps to avoid the osmotic effect of water which tends
to cause females to burst. Staining (sections 26 and 27) helps to differentiate nematodes from plant
tissues.

Extraction from plant material

The following methods, based on the Baermann funnel technique, rely on the activity of nematodes
to separate them from plant material; they are not therefore suitable for extracting sluggish or
sedentary nematodes although the juveniles and males of such forms will usually be recovered.
Where possible, plastic or stainless steel rather than brass/bronze gauze, rings or pans should be
used because metallic ions, especially copper, released into small volumes of static water can be
toxic to nematodes, especially dorylaims (Pitcher & Flegg, 1968). However, brief contact with metal
sieves as in the sieving technique (section 16) does not appear to be harmful.

Baermann funnel technique

3. A piece of rubber tubing is attached to the funnel stem and closed with a spring or screw clip.
The funnel is placed in a suitable support and almost filled with water. Plant material containing
nematodes is chopped into small pieces, placed in a square of muslin cloth, nylon gauze, etc, which
is folded to enclose the material, and then gently submerged in the water in the funnel (Fig. 1A).
Nematodes emerge from the tissues and sink to the bottom of the funnel stem. After some hours,
or overnight, some of the water can be run off and examined for nematodes. Lack of oxygen at the
base of the funnel stem often inactivates nematodes obtained by this method but these usually revive
in fresh water.

Modified Baermann funnel

4. Modifications of the Baermann funnel are illustrated in Fig. 1{(B-E). Lack of oxygen and the
possibility of nematodes lodging on the sloping funnel sides can be avoided by using a shallow dish
instead of a funnel and by supporting the material to be extracted on a sieve. The sieve is conveniently
made from a plastic ring (cut from polythene or perspex cylinder or vinyl drain-pipe), about 6 to 8
cm in diameter and 2 ¢cm deep, with a piece of muslin stretched over one end and held by a rubber
band, or secured between two closely fitting rings; alternatively, nylon gauze can be stuck or fused
to a plastic ring. A milk filter or paper tissue is then placed in the sieve and the chopped plant
material put on it. A circle of muslin or paper tissue placed on top of the material will keep it moist
and prevent it from floating. The sieve, with the material to be extracted, is placed in water in a
Petri dish or similar container. Small supports, e.g. glass rods or small feet attached to the sieve
ring, are used to give a space of about 2 mm between the base of the sieve and the collecting dish
(Fig. 1D). The material should be almost awash and, when it is not, more water should be added
carefully between the outside of the sieve and the edge of the collecting dish. After a few hours, or
overnight, the sieve is gently removed and the contents of the dish examined for nematodes. The
sieve can be reimmersed in fresh water for further extraction of the material.

Root incubation technique (Young, 1954; West, 1957)
5. When roots are stored moist or in shallow water, migratory endoparasites tend to leave them.
Thick roots (e.g. banana) can be split longitudinally to help nematodes emerge. The roots are put
into containers such as screw-cap jars, closed Petri dishes or sealed polythene bags, and kept at
about 20 to 25°C. The roots are well wetted or immersed in shallow water before the containers are
closed. Tarjan (1967, 1972) improved oxygenation, hence nematode extraction, by wetting roots
with water containing 1-3% H,O,. It is advisable to remove the nematodes every 24 hours by
pouring off the water and rinsing the roots. The extraction can be continued by adding a little more
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Fig. 1. Baermann funnel and modifications for extraction of active nematodes from chopped plant material, from thin layers of
soil, or from residues obtained by sieving or maceration. Filter — cotton wool milk fiiter, wet strength facial tissue, coarse cotton
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or nylon cloth held with elastic band, coarse plastic mesh stuck or fused to edge of ring.
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water before reclosing the containers. This method extracts root endoparasites such as Radopholus
and Pratylenchus and also the immature stages and males of sedentary parasites but it may take
several days to recover a good proportion of the nematodes. Chapman (1957) improved aeration,
hence recovery, of Pratylenchus by agitating chopped roots in water in flasks on a shaker. Extraction
was improved further if chopped roots were shaken in water with 110 ppm of ethoxyethyl mercuric
chloride and 50 ppm dihydrostreptomycin sulphate; 90 per cent of recoverable P. brachyurus were
obtained in four days compared with over two weeks in water alone. Some other chemicals also
enhanced recovery at certain concerntrations (Bird, 1971).

Maceration/filtration technique (Fallis, 1943; Stemerding, 1964)

6. This method is often quicker and more efficient than those described in sections 3, 4 and 5. About
5 g of roots are chopped into lengths of one ¢cm or less and then placed in about 100 ml of water
and macerated in an electric mixer with revolving knife blades (Waring blender, M.S.E. Atomix,
Sunbeam domestic or Dormeyer blender). The maceration time required depends on the type of
mixer used and, to some extent, on the type of plant material. Maceration needs to be continued
long enough to give nematodes easy egress from the tissues but not to damage or render them
immobile. About 5 sec for the macerator to reach full speed, 5 sec at full speed and 5 sec to stop
is usually adequate. The suspension from the macerate is poured on to a milk filter or paper tissue
supported on a sieve which is then placed, just awash, in water for 24 to 48 hours as in section 4.

Maceration-flocculation-flotation (Escobar & Rodriguez-Kabana, 1980)
7. To extract Radopholus similis from banana, the roots are washed and chopped into small pieces
and 25 g are macerated in 100 ml water. Then 250 ml of 1M sucrose solution containing 12.5ug/ml
of the flocculating agent Separan NP 10 are added and mixed. After standing for 2 min, the clear
supernatant is poured through a 400pm-aperture sieve over one with 80um apertures; the sieves are
sprayed with water and nematodes washed from the 80um sieve into a counting dish.

Maceration-centrifugal flotation (Coolen & D’Herde, 1972; Coolen, 1979)

8. Well washed roots are cut into 0.5 cm pieces, thoroughly mixed in a large volume of water and
collected in a sieve. A 5g subsample is homogenized in 250 ml of water with an electric macerator
(Waring blender) at about 12 600 rpm for 30 sec. The suspension is then poured on to a 1200pum-
aperture sieve resting in a funnel standing in a 500 ml centrifuge tube; the residue on the sieve is
carefully washed with a spray before it is discarded. Five ml of kaolin powder is added to the extract
in the centrifuge tube and the contents thoroughly mixed with a Vibromixer. Tubes are balanced
and centrifuged for 4 min at 1500 g; the supernatant is poured off and the residue resuspended in
sucrose, ZnSO, or MgSO, solution of sp.gr 1.18 (see section 21) with a Vibromixer for at least 30
sec. Tubes are balanced with the appropriate solution and centrifuged for 4 min at 1500 g; the
supernatant is poured on to a Spum-aperture sieve and the nematodes and eggs collected in a beaker
as described in section 21. De Waele er al. (1987) found that efficiency of extraction of Pratylenchus
from maize roots decreased with increase in sample size and so the root mass extracted should be
standardized for comparative studies.

Mistifier technique (Seinhorst, 1950)
9. A continuous fine mist of water is sprayed over the material to be extracted. Nematodes recovered
by this method are more active than those extracted by methods 2 to 5 because oxygenation is
better, and sap and decomposition products from the material, which inactivate nematodes, are
washed away. A spray nozzle, passing about 4.5 1 per hour, is usually used. Some systems use an
intermittent spray of say 1 min in every 10 min. Oil burner nozzles or gas jets can sometimes be
adapted and a water pressure of about 2.8 kg per cm? is usually required to give a suitable mist.
The plant material to be extracted is finely chopped into pieces 3 to 4 mm long and placed on a
milk filter or tissue supported on a mesh as in section 4. Optimum sample size for extraction will
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depend on sieve diameter and water flow rate; increasing sample size can decrease the efficacy of
extraction (De Waele et al. 1987). The sieve is placed inside a funnel the stem of which leads to the
bottom of a 250 ml collecting beaker so that the overflow of excess water is not sufficient to carry
nematodes with it (Fig. 2). Several funnels can be set up on a rack and one or two nozzles can
supply all of them. The whole apparatus can be set up on the bench if enclosed with a polythene
cover and stood on a drainage tray. For a more elaborate apparatus using collection trays instead
of beakers, see Southey (1986). This method is suitable for recovering most active nematodes but
not for Rhadinaphelenchus, which swims and is lost in the overflowing water.

Extraction of Rhadinaphelenchus from coconut stem tissue

10. The material is chopped, well macerated (see section 6) and the suspension transferred to a 2 1
conical flask which is then filled with water and allowed to stand for 30 min. The flask is then shaken
and inverted with its neck in a vessel of water and the suspension allowed to settle for 30 min (as
in section 18 but without a funnel attachment). The contents of the lower vessel are discarded and
the flask contents are sieved 4 times through a 63 pm aperture sieve, the residue is washed off each
time and collected in a beaker (after Fenwick, 1963).

Sedentary parasitic nematodes

11. Immobile stages, €.g. root-knot females, can be estimated by observing material directly (section
2) or by carefully macerating it as in section 6 and examining it without filtering. Staining before
maceration (see sections 26 & 27) helps to differentiate the nematodes from the tissues.

Cleaning and storage of nematode suspensions

Filters

Storage

12. The above methods (sections 3 & 4) and some of those for extraction from soil make use of the
ability of many nematodes to pass through a filter, thus separating them from plant debris and soil
particles. Cotton wool milk filters and wet strength paper handkerchiefs and towels are suitable, as
are various types of cotton cloth or muslin. It is necessary to select a filter that retains as much
debris as possible but with sufficiently large pores for the nematodes to migrate through. For larger
nematodes like Longidorus spp., a nylon gauze of about 90 pm aperture, secured to a supporting
ring, will often give a clean enough extract. Various grades of lingerie material, nylon or terylene,
are also suitable for filters and/or sieves. The author wedges a wet strength viscose filter between
two vinyl rings (drain pipe) avoiding the use of a separate filter support.

13. Many nematodes remain in.good condition for several days when stored in shallow water at
about 5-10°C. Distilled water is often used but it exerts considerable osmotic stress upon nematodes
(Wright & Newall, 1980) and tends to be acid, so Green and Hornsey (1984) recommend the use
of water stored over marble chips. Evans (1979) found that Longidorus leptocephalus survived much
longer in Ringer’s solution or fresh tap water direct from the mains than in tap water indirectly from
the mains or in distilled water.

Contaminating micro-organisms can be suppressed by adding a few drops of bacteriocide (i.e. 3
drops of 5% streptomycin sulphate solution per 5 ml of nematode suspension).

Extraction from soil

14. Baermann-type techniques, relying on nematode motility to separate them from inert material,
require little labour and use simple equipment. Small (10 to 50 ml) samples of soil finely crumbled
or passed through a 8 mm aperture sieve can be extracted using methods described in sections 3
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and 4 above. The extraction tray (section 15) is now widely used for obtaining active nematodes
from larger (300 ml) samples of soil but it is inefficient in recovering some large nematodes such as
Longidorus or Xiphinema; for these nematodes sieving or sieving and filtering are better whereas
trichodorids are best extracted using sieving or elutriation techniques. Sieving (section 16) or sieving
plus filtering (section 17) are quick methods for assessing the types of nematodes in soil but they
are not very quantitative as they are subject to much operator error. The Seinhorst two-flask
technique (section 18) is a simple method giving a more efficient and cleaner extract than direct
sieving. The fluidising column (section 20) is a very versatile apparatus capable of extracting wet
cysts or verminform nematodes from soil or root-knot females from root debris providing the
appropriate sized sieves are used to catch the extract and the correct flow rate of water, monitored
through a flow meter, is used. Centrifugal extraction (section 21-23) gives the most efficient and
quickest extraction of active and sedentary nematodes from soil. Ideally large centrifuge tubes
(300400 ml) are preferable but smaller tubes can be used especially when used in conjunction with
a sieving technique (section 23). Demeure and Netscher (1973) noted that to obtain an accurate
assessment of Meloidogyne in a non-permeable sandy clay soil, where egg masses combined with
sand particles, the combined use of sieving, elutriation, centrifugation and mist extraction was
necessary.

Extraction trays (Thomas, 1959; Whitehead & Hemming, 1965)

15. A sieve to support the soil is made from a plastic covered letter basket (22 x 32 cm) or other
large plastic basket inside which is placed a coarse plastic mesh and on top of this a double layer of
muslin cloth, paper tissue, or milk filters. The basket is stood in a collecting tray (large photographic
dish, baking dish, glasshouse tray). Up to 300 ml of finely crumbled soil, passed through a 8 mm
aperture sieve if necessary, is evenly spread in a thin layer over the filter in the basket. Water is
carefully added down the inside edge of the collecting tray until the soil layer looks wet (Fig. 1E).
To obtain a clean extract it is important not to move the tray once the water has been added. Space
can be saved by making a simple rack to hold the trays and evaporation can be lessened by covering
with polythene sheeting. Most nematodes will have collected on the floor of the tray after 24 hours
but root-knot juveniles from egg masses or some endoparasites from root fragments may take several
days to emerge. The basket is then slowly and carefully removed and the nematode suspension from
the tray beneath can be concentrated by pouring into a large, narrow, beaker (one to 1.5 1) and
allowed to settle for 4 h or more when the supernatant water can be decanted or syphoned off; or
the extract can be concentrated in large (8 ¢cm x 40 cm) glass cylinders having a funnel-like base
fitted with a tap or pinch-cock (Whitehead & Hemming, 1965). Alternatively, the suspension can
be concentrated by passing it 3 or 4 times through a very fine sieve (<45 pm aperture), washing the
nematodes off the sieve each time and collecting them in a vessel.

Sieving technique (Cobb, 1918)
16. Equipment required: 2 deep basins, 25 to 30 cm diameter, or 2 small buckets; seven 15 to 20
cm diameter sieves made with wire mesh (usually phosphor bronze but preferably stainless steel) of
8, 22, 60, 120, 170, 240 and 350 meshes per in, equivalent to an aperture size of 2 mm, 710 pm,250
pm 125 pm, 90 pm, 63 pm, and 45 pm respectively; a small pan about 15 cm diameter and 5 cm
deep, and 250 ml-beakers for the residue from each of the sieves used.

Ready-made sieves are expensive. Cheaper ones can be made by buying the wire gauze separately
and fitting it to circular plastic dishes or metal baking pans of about 15 to 20 cm diameter from
which the base has been removed.

Usually only 3 or 4 of the set of sieves will be used for a particular sample, with the sieves
selected to match the size of nematode it is hoped to extract, and to suit the type of soil involved.
Most adults of large dorylaims are caught on a 250 wm aperture (60-mesh) sieve, adults of average-
size nematodes on a 90 wm aperture (170-mesh) and many juveniles and small adults on a 63 pm
aperture (240-mesh). A 45 pm aperture (350-mesh) sieve must be used to recover small juveniles.
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Only a proportion of the nematodes are caught when a suspension is poured once through even the
finest sieve (65% of nematodes 500 pm long or 25% of those 250 wm long when a suspension is
poured once through a 50 wm sieve). It is therefore advisable to pour the suspension 3 or 4 times
through the finest sieve in use, collecting the residue off the sieve each time.

The soil sample (about 200 ml) is placed in basin I, covered with water and any lumps gently
broken up. Dry soils should be soaked for a few hours. The mixture is stirred and poured through
a 2 mm aperture (8-mesh sieve) into basin II leaving heavy material behind, more water is added
to the material in basin I, which is stirred again and poured through the sieve into basin II. Any
sediment left is discarded and basin I washed out. The sieve is rinsed over basin II. The residue on
this sieve may contain very large nematodes but usually it can safely be discarded. The contents of
basin II are stirred, allowed to settle for about 10 sec and then poured through a 710 wm aperture
(22-mesh) sieve into basin I, leaving behind heavy soil particles to which more water is added and
the process repeated, if desired, but again leaving behind heavy material. The sieve over basin I is
rinsed; the residue on this sieve may contain only a few large nematodes but this often depends on
how much debris is present. To collect the residue, the sieve is stood on edge in the 15-20 cm-pan
and tilted with its underside uppermost; a gentle stream of water is used to wash the residue into
the pan. The pan contents are then decanted into a beaker, labelled “710 wm aperture or 22-mesh”,
leaving behind any heavy particles. Basin II is cleaned and the process repeated using 250 pm, 125
pm and 90 wm aperture (60-, 170- and 240-mesh) sieves and collecting the residues, as described
above, in appropriately labelled beakers. If the contents of the beakers appear cloudy it is because
the residue on the sieve was inadequately rinsed. If necessary the contents should be poured back
on to the sieve and rinsed again over the basin containing the remaining suspension before proceeding
to the next sieve in the series.

Fine sieves are easily clogged but this can partially be avoided by pouring the suspension on a
sieve inclined at an angle of about 30° to the horizontal. Gently patting the underside of the sieve
into the water in the basin below and lifting it in and out a few times will help to clear it.

The contents of the collecting beakers are allowed to settle for one to 2 h and the supernatant
liquid is carefully decanted or syphoned off leaving about 40 ml in the bottom which can be examined
for nematodes (see section 29).

Sieving and filtering

17. Sieving alone often fails to result in an extract clear enough to examine for nematodes, especially
from soils that contain much debris. Some workers make a quick extraction with sieves as described
in section 16, then pool the residues from the sieves in one beaker and leave them to settle for 2
hours. The supernatant liquid is carefully poured or syphoned off and the remaining suspension is
poured on to a milk filter or paper tissue supported on a sieve as described in section 4. Other
workers prefer to stand the sieve in shallow water in a Petri dish which is allowed to overflow when
the suspension is added. The sieve with its residue is then placed just awash in a funnel or in a
shallow dish as described in sections 3 and 4. Most nematodes pass through the filters in 24
hours and can be collected almost free from debris. For the extraction of larger nematodes (e.g.
Longidorus/Xiphinema) Flegg (1967) gently crumbled 200 cm® of soil and soaked in water for 1 h
stirring intermittently. The suspension is then washed through a 4 mm aperture sieve, to remove
coarse debris, into a 5 1 bucket which is almost filled with water and stirred vigorously to suspend
particles. After standing for 25 sec the supernatant is poured through three 150 um aperture sieves.
The residue on the sieves is thoroughly rinsed with a gentle stream/spray of water before collecting
in a beaker. More water is added to the bucket, the suspension is stirred vigorously and, after
settling for 15 sec, poured through the same sieves rinsing and collecting the residue as before. The
combined residues are stirred gently and poured on to a 90 um aperture, polythene supported, nylon
sieve which is placed in water in a funnel or shallow dish as above.
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Fig. 3. Seinhorst two-Erlenmeyer-flask soil extraction technique. Progress in the stages of extraction are shown. With easier soils,

stages (2) and (4) may be omitted and only the contents of (A) and (B) are then sieved.



PLANT PARASITIC NEMATODES IN SUBTROPICAL & TROPICAL AGRICULTURE

Seinhorst two-Erlenmeyer-flask technique (Seinhorst, 1955)
18. This simple but very efficient technique is widely used and often gives a clean extract that can
be examined direct without the need to filter. It is therefore useful for extracting rather sluggish
nematodes such as Criconema which do not readily pass through a filter.

Two wide necked 2-litre Erlenmeyer (conical) flasks are needed, preferably with a standard
ground glass joint at the neck on to which can be fitted a gradually tapered funnel with a stem
aperture of about 11 mm. Alternatively plastic flasks and funnels can be used; the funnel can be cut
down to fit just inside or outside the rim of the flask to which it is simply attached using a wide
rubber band cut from a cycle tyre inner-tube. Tensions involved in making the attachment could
fracture the neck of glass flasks and for them the following system may be used: a wide rubber band
is fitted around the rim of the flask so that it slightly overlaps the flask opening; a similar band is
fitted around the rim of the plastic funnel. The bands help to give a water-tight seal. The funnel is
secured to the flask by attaching 3 equally spaced rubber bands, which are fixed on a wire ring
around the flask neck, on to screw heads fixed in a collar around the top of the funnel stem (see
Fig. 3). Alternatively, large (1.5-2 1) drink bottles, preferably plastic, with gradually sloping shoulders

_can be used instead of conical flasks. The plastic funnel connectors used to fix shower equipment to
water taps can be adapted to provide the funnel. Two retort stands are each fitted with a retort ring
in which an inverted flask can be supported; about one third of the retort ring is cut away so that
the flask can be inserted while holding a finger over the attached funnel outlet. Two 250 ml and two
400 ml beakers plus one, or more, 90 pm and 50 pm-aperture sieves are also required.

The soil sample, usually 200 cm?, is thoroughly mixed with water and transferred to flask (A) by
passing it through a hemispherical, 2 mm aperture, domestic type sieve resting in a large funnel.
Any residue left on the sieve is well rinsed before being finally discarded. The flask is topped up
with water and the funnel attached. With a finger over the funnel stem the whole is shaken and
then quickly inverted into the top of a similar flask (B) previously filled with water; the finger being
removed as the funnel stem enters the water. The soil particles sediment out differentially. This and
subsequent stages, where each flask is inverted over a 400 ml beaker of water, are shown in Fig. 3.
At each change, shake the flask before putting it into its new position. Each stage is allowed to run
10 min, the figures on the containers (A, B, C & D) show the size of soil particle to be found in
each at the end of the prescribed time. Pour the contents of (A) and (B) through a 50 wm aperture
sieve, and (C) through a 90 pm sieve at least 3 times, or through 3 sieves, rifise and collect the
residue each time as described in section 16. The second beaker (D) contains practically no nematodes
and is discarded. This procedure can be speeded by omitting stages 2 and 4 (Fig. 3); the contents
of both flasks are then passed through a bank of 6 sieves, the uppermost of 90 pm aperture and the
remaining five of 50 pm aperture.

Elutriation techniques

19. These techniques use an upcurrent of water to separate nematodes from soil particles and hold
them in suspension. They give a cleaner extraction than that obtained by direct sieving and some
will extract from larger soil samples than does the two-Erlenmeyer-flask method, although they are
not any more efficient. Flow rates can readily be adjusted to suit soil type and the size of nematode
to be extracted. Of the models that have been developed (Seinhorst, 1956; Tarjan et al., 1956;
Oostenbrink, 1960) the No. III model of Oostenbrink is often used because it is robust and easily
operated and cleaned. Oostenbrink (1960) or Southey (1986) should be consulted for details.

Fluidising column (Trudgill et al., 1973)
20. This is a simple, robust, versatile elutriator. The modified version (Figs 4 & 5) used at Rothamsted
has an internal diameter of 7.5 cm and a column height of 42 cm above the disc. It is constructed
from a plastic {perspex) cylinder which fits tightly into a short cylindrical base sealed by an O ring.
The base contains a plastic sintered plate and water is introduced beneath the plate, through a side
arm with a perforated end piece. By varying the water flow rate, preferably with a flow meter, all
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Fig. 4. Fluidising column, with dimensions
in cms (from Trudgill et al., 1973) repro-
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types and sizes of nematodes can be recovered. Up to 200 cm?® of soil can be extracted, it is mixed
in water and passed through a coarse sieve (8 mm aperture). The prepared sample is added with
the column about one third full of water. The upward water flow, through the sintered plate, is
adjusted to a rate of about half that required to wash over the nematodes and is allowed to run for
3 min to mix and fluidise the suspension, then for a further 3 min at the full rate to extract the
desired nematodes. The overflow from the column is caught on a sieve or bank of sieves of
appropriate size. In order to obtain reasonably clean extracts the flow of water through the column
needs careful control.

Trudgill er al., (1973) give a terminal velocity (settling rate) of 0.11 cm/sec for Longidorus
leptocephalus adults and 0.01 for cyst nematode (heteroderid) juveniles. Thus for a column with a
3.75 cm radius the least flow to extract longidorids would be mwx (3.75)? (area of the disc) x 0.11
(settling rate) x 60 (sec to min) = 291 ml/min; for heteroderid juveniles the flow rate would be 29
ml/min. In practice, about twice these flow rates should be used to ensure a good recovery of
nematodes; so the apparatus should be run at approximately 300 or 30 ml/min for 3 min then at 600
or 60 ml/min for longidorids or heteroderid juveniles, respectively. Longidorid adults would be
caught on a 150 pum aperture sieve and heteroderid juveniles on one with 53 wm apertures. Extracts
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Fig. 5. Fluidising column in operation (Photo: Rothamsted Experimental Station).

from the sieves can be concentrated and cleaned as in section 12. Much faster flow rates (3.5 I/min
for 3 min then 7 I/min for 3 min) are required to extract heteroderid females and cysts from moist
soils; the extract is caught on a 250 pm aperture sieve after passing through a 840 pm sieve to
remove coarse debris.

Centrifugal flotation

21. Nematodes can be extracted from soil and organic debris by floating them out in a solution of
specific gravity (sp.gr.) greater than their own. As the method does not rely on the mobility of
nematodes it is extremely useful for extracting sluggish forms such as criconematids as well as dead,
molting, or fixed nematodes and eggs. Centrifugal flotation is a generally more efficient nematode
extraction method than Baermann, sieving or elutriation techniques. This method is often used to
clean extracts obtained by sieving or elutriation. Solutions of sucrose, MgSO, or ZnSO, are mostly
used but nematodes may be distorted or even killed by osmotic stress and they should be rinsed
with water or put into excess water as soon as possible to aid their recovery. A solution with a
specific gravity of about 1.18 (484 g of cane sugar dissolved in water and made up to 1 |) is suitable.
The specific gravity of a solution should be checked just prior to its use as changes in temperature



EXTRACTION AND PROCESSING OF PLANT AND SOIL NEMATODES 57

and microbial activity can cause a considerable decrease in concentration. The suspensions recovered
are usually so clean that they can be caught on very fine sieves (5-10 pm aperture nylon gauze).

Direct extraction from soil (Caveness & Jensen, 1955; Dunn, 1971)

22. The soil sample should be mixed and, if necessary, passed through a 1 cm-aperture sieve to
remove stones or coarse debris. Each 20 cm?® subsample of soil is placed in a 100 ml centrifuge tube
and water added (and 1 cm?® of kaolin powder if desired) up to 2 cm from the tube brim. The
contents are shaken vigorously or thoroughly mixed using a Vibromixer. The tubes are balanced by
adding water and centrifuged at about 1800 g for 4 min after which the centrifuge must be carefully
braked to avoid vibrations that will disturb the sediment pellet. The superantant is discarded and
the tube almost filled with suspending solution (sp.gr. 1.18) and shaken vigorously or vibromixed to
resuspend the pellet. Tubes are balanced by adding more solution then re-centrifuged (1800 g, 4
min) and the supernatant poured into excess water (about 1:5) in a measuring cylinder. The inside
of the centrifuge tube is rinsed to free any nematodes but without disturbing the soil pellet and the
rinsings are added to the main extract. After about 2 h the supernatant is poured or drawn off and
the remainder (c.20 cm®) examined in a suitable counting dish. Alternatively, the supernatant
solution from the centrifuge tube can be poured through a fine ( 5 pm aperture) sieve the sievings
being quickly rinsed with water before collecting in a beaker or counting dish.

Sieving/centrifugation

23. Jenkins (1964) modified Caveness and Jensen’s (1955) technique (22) to handle larger soil
samples. 100-150 cm® soil are washed through a 840 pm aperture sieve into a bucket, and made up
to about 6 1 with water. After stirring, the suspension is allowed to settle for 30 sec before the
supernatant is decanted through a 52 pum aperture sieve. The bucket is refilled and the process
repeated. The sievings are collected in two 50 ml centrifuge tubes which are balanced before spinning
at 1750 rev/min for 4-5 min. The supernatant is poured off and replaced by sucrose solution (sp.gr.
1.18). The tubes are balanced, shaken, and spun for 1/2-1 min. The supernatant is poured through
sieves of 53 um aperture or less and the sievings are washed before collection in a beaker for
examination. Extracts obtained by elutriation (section 19 seg.) can also be cleaned using this Jenkins
modification. Gooris and D’Herde (1972) and Demeure and Netscher (1973) described more elabor-
ate methods for extracting Meloidogyne stages including egg masses.

Flotation, flocculation and sieving technique (Byrd et al., 1966)
24. In this method flocculating chemicals are used instead of centrifugation to separate soil particles
from suspension in 1.0 M (342 g/1 solution) sucrose solution. Separan is an effective flocculating
agent irrespective of soil type or pH. Ferric chloride (FeCl,) can be used but the concentration is
critical and must be varied according to soil type and pH. This method takes only 1-3 min per
sample and gives good yields of Xiphinema, trichodorids and spiral nematodes, but small forms such
as Criconemoides may be trapped in the flocculated material and lost.

Fifty cm® of soil are placed in a 600 ml beaker and made up to 350 ml with 1.0 M sugar solution
containing 12.5 ppm of Separan. This is gently stirred with a mechanical stirrer (1600 rev/min) for
20 s and then allowed to settle for 2-5 min. The nematode suspension is then poured through a 355
pm aperture sieve set over one of 45 pm aperture. The residue on the sieves is rinsed and washed
into a beaker; the contents are swirled, allowed to settle for a few seconds, and then poured back
on to the 45 pm aperture sieve leaving behind heavier particles. The nematodes are then washed
from the sieve into a beaker with about 25 ml water. Rodriguez-Kabana and King (1975) found that
blackstrap molasses were cheaper and, because of higher viscosity, more effective than sucrose for
extracting nematodes.

Mishra et al. (1977) pooled soil extracts obtained by sieving (16) into a beaker, mixed in 0.2%
Separan CP-7 and after allowing particles to settle for 1 min decanted the supernatant through a 50
pm aperture sieve to recover the nematodes. The process is repeated three or more times on the
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residue left in the beaker. This modification avoids the use of a sucrose solution and, because sieved
extracts only are treated, larger volumes of soil can be handled initially. Rush (1970) extracted
Xiphinema americanum from soil using Separan without sucrose.

Extraction of heteroderid cysts from dry soils

25. The saccate dead females, ‘cysts’, containing embryonated eggs for the next generation, of
heteroderid nematodes float when they are dried and so they can be readily extracted from dried
soils.

The soil sample is air dried and passed through a 4 mm aperture sieve. A 50 cm® sample of the
dried soil is placed in a one-litre conical flask, half filled with water and shaken vigorously. The flask
is filled to just below its lip and allowed to stand for 10 min. Any cysts present will float to the
surface with other soil debris and can be pipetted off or collected on a fine brush for further
examination. Alternatively the float can be poured on to a filter paper in a funnel, the water drained
off, and the paper examined for cysts most of which will occur along the ‘tide mark’ left at the upper
water level.

Fixation/staining of plant tissue

Fixation

26. Roots and shoot tissue can be fixed for storage, subsequent examination or staining by adding
to them preferably hot (60 to 70°C) F.A. 4:1 (section 33) or 5% formalin (2% formaldehyde
solution). Alternatively fresh material can be put directly into hot lactophenol/lactoglycerol (section
27), this softens tissues and is particularly helpful in the recovery of Meloidogyne females from
roots. Meloidogyne egg masses can be detected on roots by soaking in phloxine-B stain (0.15 g per
1 water) for 15-20 min, rinsing and examining them in water; the gelatinous matrix of the egg sac
is stained red (Holbrook er al. 1983) although a few species, eg. M. artiellia, do not stain well.

Staining in lactophenol/lactoglycerol

27. Athough lactophenol (section 36) has been widely used in the past it is now recognised that
phenol fumes are a danger to health. To avoid using phenol, Bridge ef al. (1982) recommended the
use of lactoglycerol; this is a solution of equal volumes of glycerol, lactic acid and distilled water
plus 0.05% acid fuchsin or 0.05% methyl blue stain. Plant material is gently washed free from soil
or debris and any thick material should be sliced thinly before staining. The infected material is
plunged into gently boiling lactoglycerol, this should be in a deep beaker as frothing occurs when
material is added. Several small samples can be stained in the one operation by wrapping each in a
piece of muslin cloth. The material is boiled for 3 min and allowed to cool in the stain and washed
well in water before it is cleared in equal volumes of glycerol and distilled water (acidified with a
few drops of lactic acid). Depending upon the type of material, differentiation may take from several
hours to 2-3 days but the stained nematodes should eventually be seen in largely unstained tissue;
more rapid differentiation can be obtained by boiling in acidified lactoglycerol for a few minutes. A
microwave oven can be used for boiling solutions.

Fixation of soil samples before extraction

28. Elmiligy and De Grisse (1970) mixed hot fixative (100 ml of 40% formaldehyde + 10 ml glycerol
+ 890 ml distilled water at about 80°C) with soil samples. Fixed soils are extracted using centrifugal
flotation (section 21-23). This method is useful in preventing population changes during storage and
avoids the quarantine restrictions applicable to live material.
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Examination of nematode suspensions

29. A good stereoscopic microscope with a range of magnifications 10x to 100x, a fairly flat field
and good resolution are essential. Illumination by transmitted light should be as even as possible;
small frosted strip-light tubes are suitable.

All or part of the extracted suspension, according to its density, is placed in an open counting
dish and examined under the microscope. When samples are taken with a pipette it should have a
wide outlet to prevent debris clogging it. Petri dishes or flat-bottomed Syracuse watch glasses are
often used and a grid is etched, or scratched with a marking diamond, on the inside of the base to
act as a guide when searching (Fig. 6C & E). Disposable plastic Petri dishes can be used on which
a grid is easily scratched with a needle. Merny and Luc (1969) describe an open plastic dish 5 ml
capacity, with sloping sides to minimise the effect of the meniscus; the base is marked in 2 mm
squares (Fig. 6D). Some dishes have channels/ridges on the base which restrict the movement of
nematodes: the Doncaster (1962) dish (Fig. 6B) with concentric channels holds up to 40 ml; De
Grisse (1963) moulded a rectangular dish with ridges and Bridge (unpubl., see Fig. 6A) designed a
5 ml plastic dish with a ridged base which is readily made by injection moulding. Fixed capacity,
usually 1 ml, covered counting slide chambers are useful for routine counts when immediate access
to nematodes within the suspension is not required. Examples are the Peters 1 ml counting slide
made in glass by Hawksley (Fig. 6F) and the Fenwick multichamber slides which can be made in
plastic (Doncaster et al., 1967; Southey, 1986). To be sure of searching over the whole area of the
dish, the space between the grid lines should be a little less than the field width of the microscope
at the magnification being used. Thus, a dish with an extract containing large nematodes (Xiphinema
etc.) which would be examined at about 15x magnification, would have guide lines about 1 cm apart,
whereas extracts containing average size nematodes would be examined at about 50x and have lines
about 3 mm apart. Some workers prefer to examine extracts in a dish with a thin base (e.g. disposable
plastic Petri dish ) using the low/medium power objectives of an inverted, compound microscope
when nematodes can be seen in more detail. A hand tally counter or bank of counters are useful
aids for counting different genera.

Handling nematodes

30. Small batches of nematodes can be selected and transferred from a suspension by using a fine
pipette. Selection of individual specimens requires a handling needle. This is a dissecting needle to
the end of which is attached, with cellulose glue, a nylon tooth-brush bristle, sharpened bamboo
splinter, eyebrow hair, fine wire or small wire loop. Old curved nylon tooth-brush bristles are
recommended as they can be tapered to the desired thickness with a sharp scalpel and they are not
so easily damaged as other types. The quill and shaft of a moderate sized feather also make a
convenient handling tool, the feather vane is removed and the thin end of the shaft shaped/sharpened;
the thicker quill end can also be used but the hollow core should be blocked off to prevent loss of
nematodes up the quill by surface tension. Many beginners have difficulty in picking up nematodes
with a bristle. To do this the nematodes should be in shallow water, near the centre of the dish,
and the lowest convenient microscope magnification should be used to give the greatest possible
depth of focus and working distance. While viewed with the stereoscopic microscope the handling
needle is used to lift the nematode to the surface of the water, the bristle is then held immediately
underneath the nematode and quickly flicked up so that the nematode is pulled out through the
meniscus. Avoid using too fine and smooth a bristle as it will not have enough drag to bring the
nematode up with it through the meniscus. The surface tension can be removed by adding a small
drop of soap or detergent on a needle.

Killing and fixing nematodes
31. A few specimens can be killed by transferring them to a drop of water on a 26 x 76 mm glass
slide which is then heated over a smalil flame for a few seconds until the nematodes suddenly
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Fig. 6. Examples of counting slides/dishes:

A, Moulded plastic dish, 5 ml, with sloping sides and ridged grid (made at Rothamsted
Experimental Station from a design by Bridge (unpublished); B, Moulded plastic dish,
40 ml, with concentric ridges (made at Rothamsted Experimental Station after the design
by Doncaster, 1962); C, Flat bottomed glass dish, 15 ml, base lines cut with a glass
writing diamond; D, 5 ml plastic dish as produced by ORSTOM (Merny & Luc, 1969);
E, 50 mm diameter plastic Petri dish marked for examination at 2040 X; F, Peter’s 1
ml counting slide in glass as made by Hawksley. (Photo: Rothamsted Experimental
Station)
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Fixatives

straighten out - killed by the heat. Killing on a controlled hot plate at 65-70°C is most effective and
prevents damage to specimens due to over-heating. The specimens are transferred to fixative or
fixed on the slide by adding an equal-sized drop of double strength fixative (section 32).

The following method is recommended for killing and fixing nematodes: specimens are concen-
trated in about 3 ml of water in a tube, either by centrifuging or by letting them settle. The tube is
shaken to disperse the nematodes and stood in a beaker of water at 65°C for 2 to 3 min, preferably
the temperature is monitored with a thermometer in the suspension, then an equal volume of double
strength fixative is added.

An alternative method is to collect the nematodes in a very small drop of water in a glass block
or small deep watch glass. Formal acetic (or propionic) fixative 4:1 (preferably plus 2% glycerol) is
heated to about 99°C and an excess, 3 to 4 ml, is quickly added to the nematodes; this kills and
fixes them in the one process (Seinhorst, 1966). The fixative can be heated in a small tube stood in
boiling water for a few minutes. This method gives a very good fixation of glands and gonads. Nuclei
tend to expand and are more easily seen. Although, specimens appear rather dark as soon as they
are fixed, processing to lactophenol or glycerol will eventually clear them.

32. Solutions of 5 to 10% formalin (2 to 4% formadehyde), preferably plus 2% glycerol, are often
used. The addition of a small amount of powdered CaCOQ, to the stock solution is recommended as
this neutralizes the free formic acid which can cause darkening and granulation of tissues. Alterna-
tively the formic acid can be neutralized using triethanolamine as in TAF fixative (section 34).

33. Formal acetic (F.A.) or Formal propionic (F.P.) 4:1

formalin (40% formaldehyde) 10 ml
glacial acetic acid (or propionic acid) 1ml
(glycerol 2 ml)
distilled water up to 100 ml

As noted by Golden in Hooper (1970), the addition of 2% glycerol to the above means that
nematodes can be brought direct from fixative to glycerol by slow evaporation (see section 37). Also
as noted by Hooper (1987) nematodes stored in vials will eventually end up in glycerol should the
fixative evaporate.

34. TAF (Courtney, Polley & Miller, 1955)

formalin (40% formaldehyde) 7 ml
tricthanolamine 2 ml
distilled water 91 ml

TAF fixative is often used because it has the advantage over formalin or F.A. (F.P.) 4 : 1 in
that nematodes retain their life-like appearance for several hours. However, as noted by Hooper
(1987), TAF is not a good long term preservative as some degeneration of nematode cuticle can
occur during prolonged storage and so the transfer to, or the addition of an excess of F.A. (F.P.)
4 : 1 plus 2% glycerol is recommended.

Double strength fixatives are made up using half the amount of water indicated above.

Nematodes will be spoiled if put alive into cold fixative. Alcoholic fixatives should be avoided
as they usually shrink nematodes; well fixed specimens have a smooth outline whereas distorted
specimens are rarely worth keeping.

Nematodes can be stored in fixative indefinitely. Vials containing them should be labelled with
identity of nematode if known, source, locality, fixative used and date of fixation.
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Processing and mounting nematodes

35. In fixed nematodes, much of the internal body contents, especially gonad structure, may be
obscured by the granular appearance of the intestine. Specimens can be cleared by processing to
lactophenol, lactoglycerol or glycerol, which are also suitable mountants. As noted earlier, phenol
is a dangerous poison and so lactophenol should be used with caution. Some workers prefer to use
lactoglycerol (section 27) instead. It is quicker than processing to glycerol to make mounts in
lactophenol/lactoglycerol, which, if well sealed, may last many years; also, especially if a stain is
used, some features are more readily seen than in glycerol. However, for permanent collections
specimens are usually processed to and mounted in glycerol but as noted by Hooper (1987) mounted
specimens can deteriorate and the storage of some representatives in glycerol in vials is rec-
ommended.

Lactophenol method (Franklin & Goodey, 1949)

Glycerol

36. Lactophenol

Phenol liquid 50 ml
Lactic acid 50 ml
Glycerol 100 ml
Distilled water 50 ml

Cotton blue (methyl blue) stain 0.05% for staining roots, (0.0025 to 0.01% for staining specimens)
is dissolved in the water before mixing with other reagents. Acid fuchsin stain (red) is preferred by
some workers especially for staining nematodes in plant tissue.

A cavity slide almost filled with lactophenol, plus blue stain if desired, is heated on a hot plate
to about 65°C (a brass plate over a small flame can be used as a hot plate); when the lactophenol
is hot, a handling needle is used to transfer to it nematodes that have been fixed for several hours
or overnight. The hot slide should be examined with a stereoscopic microscope after 2 to 3 min by
which time the specimens should have cleared. The slide can be re-heated if more clearing is
required. If cotton blue stain is being used the slide should be heated until the specimens are of a
mid-blue colour; they should then be transferred to clear lactophenol or to lactophenol with 0.0025%
cotton blue stain. Some nematodes, such as hoplolaims and criconematids, do not stain readily but
the internal contents do clear. Fixed nematodes should not be put into cold lagpphenol as they are
often irreversibly distorted. Esser (1973) describes a 4 min lactophenol fixation/processing method.

37. Slow method

Specimens in fixative plus glycerol in deep glass blocks (section 31) with a loose fitting cover will,
after two or three weeks at room temperature, end up in glycerine due to evaporation of the fixative.
The process can be speeded up in an oven at 30—40°C but the container needs to be well covered
to ensure that the evaporation takes several days. Golden (in Hooper, 1970) recommends the
addition of a few drops of picric acid which helps to prevent clearing and fading of nematode stylets
and the growth of moulds.

Specimens in fixative without glycerol can be transferred to about 2 ml of a solution of 1.5%
glycerol in distilled water in a small watch glass or cavity block. A trace of picric acid, copper
sulphate or thymol should be added to the solution to prevent the growth of moulds. The watch
glass is placed in a small airtight container together with a small tube (50 x 12 mm) of desiccant
such as calcium chloride or silica-gel and kept at 25-30°C. The water should have been absorbed
after about 4 weeks. It is important not to rush the process or specimens may become distorted
(after Thorne, 1961).
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38. Rapid method (Seinhorst, 1962)
Fixed specimens are transferred to a small concave glass dish of 2 to 4 ml-capacity containing about
0.5 ml of the following solution:

96% ethanol 20 ml
Glycerol 1 ml
Distilled water 79 ml

The dish with nematodes is placed into a closed glass vessel containing an excess (e.g. 1/10
volume of vessel) of 96% ethanol. The dish is supported above the ethanol on a platform or grid.
After 12 hours or more in an oven at 40°C, the specimens will be in a mixture of mainly ethanol,
with some glycerol

The dish is removed from the vessel and filled with a solution of 5 parts glycerol and 95 parts of
96% ethanol and placed in a partly closed Petri dish in an oven at 40°C until the ethanol has
evaporated. This should take at least 3 hours, the nematodes are then in pure glycerol and can be
mounted.

Note
Nematodes processed to lactophenol or glycerol are very soft and should be handled carefully,
preferably using a mounted eyebrow hair or similar soft bristle.

Mounting nematodes
39. Glass slides, 26 x 76 mm, are often used but the Cobb-type aluminium, double coverglass, slides
(see Southey, 1986) are preferable as they can be stacked upon each other and are more easily
handled for storage and transit. Glass slides with thick card labels at each end may also be stacked.

40. Temporary mounts in fixative

Some important features of nematodes are most readily seen in freshly killed/fixed specimens
mounted in TAF (section 34). Refractive structures are often more distinct than in specimens fixed
for some time or processed to lactophenol or glycerol. Place the specimens, plus similar sized glass
fibres or fine wire (stainless steel), in a small, bold drop of fixative, drop a cover-glass on to it, blot
off excess fixative from around the coverglass with a tissue if necessary but take care not to displace
the specimens, seal the cover glass down with molten wax or slide ringing compound. In spite of a
good seal, mounts in fixative usually start to dry out after a few days.

41. Permanent mounts

A small drop of lactophenol or anhydrous glycerol is placed in the centre of a clean slide and
nematodes of about equal diameter are transferred to it, using a handling needle, and arranged in
the centre of the drop so that they are touching the slide surface, not floating. Three pieces of glass
fibre, equal in diameter to the nematodes and about 1 mm long, for coverslip supports are arranged
around the inside edge of the drop. It is helpful to have glass fibre suitable for supports ready in a
dish of the appropriate mountant. Small pieces can be selected under a microscope and handled as
if they were nematodes. Pieces of fine nickel-chrome or stainless steel wire can also be used
particularly for fatter nematodes.

A clean coverslip (19 mm diameter circle No. 1) held with fine forceps is warmed over a small
flame and lowered on to the drop. A mounted needle held in the other hand can be used to help
prevent the coverslip from sliding sideways when it is applied. It helps to prevent air bubbles from
being trapped if the drop is kept as hemispherical as possible before applying the coverslip. The
drop should be of such a size that it is only just covered by the coverslip. A good seal cannot be
obtained if there is excess mountant around the coverslip edge. The coverslip is fixed down at 3
points using ‘Zut’, ‘Glyceel’, ‘Permount’ or similar sealant; nail varnish is a good substitute. When
the drops have dried, the coverslip is ringed, using a small soft brush, with a thick but fairly narrow
band of the sealant making sure there is sufficient on the coverslip as well as on the slide. Repeat
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the process when the first ring has dried to give a good seal. The brush can either be kept in the
sealant or in a tube of solvent (n-butyl acetate).

42. Wax-ring method of sealing mounts (after de Maesener & d’Herde, 1963)

In this method a small drop of mountant is surrounded by a wax ring which serves as a seal and
cover glass support. If the central area occupied by the mountant is likely to exceed a quarter of
the coverglass area then additional supports should be used. To make the wax ring a 1.5 cm diameter
tube is heated in a flame, dipped in paraffin wax (M.P. 60°C) or wax mixture (8 parts wax to 3 parts
petroleum jelly) and applied to the centre of the slide. The tube may be glass with the end ground
flat or, better, a 10 cm-long stainless steel or copper tube with a large cork around one end for a
heat-proof handle. For square cover-glasses, molten wax can be applied to the slide with a brush to
form a matching hollow square. Specimens, and supports if necessary, are arranged as in section
41, in a small drop of mountant, rather smaller than described in section 41. A 19 mm diameter
cover-glass is applied and the slide placed on a hotplate at 65°C for a few seconds or in an oven at
70-80°C for a few minutes. Instead of a wax ring, Siddiqi (1986) recommends the use of three small
lumps of wax, each about the size of the mounting drop, arranged around the drop and the coverglass
is placed on the lumps and the slide then heated. The wax melts allowing the cover-glass to settle
down and confines the glycerol to the centre of the mount. It is important to retain an hemispherical
drop of mountant before applying the cover-glass or the wax may swamp the specimens; as soon as
the wax melts press lightly with a mounted needle on the cover-glass to make sure it has settled far
enough; thick mounts prevent oil-immersion objectives being used. The wax will set rapidly when
the slide is placed on a cool surface. A secondary seal of cover-glass cement is desirable to prevent
drying out and to prevent immersion oil dissolving the wax.

43. Esser (1974) obtained a good seal by ringing the small drop of mountant containing the specimens
with free-flowing Zut (Glyceel). A 15 mm diam. cover-glass is applied and lightly pressed down with
a needle to exclude any air between the mountant and the glyceel; the smaller the cover-glass the
casier it is to exclude air bubbles. The resulting wide surrounding band of ‘Zut’ eventually dries and
provides a very effective seal.

Posterior cuticular patterns of Meloidogyne spp.
44. The cuticular markings surrounding the vulva and anus (posterior cuticular pattern or ‘perineal’
pattern) of females of Meloidogyne spp. are used in their indentification (Taylor et al., 1955; Franklin,
1962). Fresh or fixed, galled roots are stained in cotton-blue lactophenol or lactoglycerol (section
27) and allowed to differentiate. Females stained in fresh root material are preferable because their
body contents are more easily removed (Franklin, 1962). About 20 females are dissected out and
transferred, using fine-pointed forceps, to 45% lactic acid on a transparent plastic (e.g. perspex) slide.
Alternatively they may be transferred as a group by fine pipette, then, working at a magnification of
at least x32, preferably more, the swollen female is speared at the neck end with a very sharp, fine
needle and, held so the posterior end is cut off with an oculist’s scalpel or sharp Borradaile needle;
a hypodermic needle mounted on a handle also serves as a very good cutting tool. The inner tissue
is carefully removed by lightly brushing with a flexible bristle. The cuticle is transferred to a drop
of glycerol where it is trimmed to a size slightly greater than the pattern which is then transferred
to a drop of glycerol on a clean glass slide. The posterior patterns, outside uppermost, are arranged
in one or two neat rows and a cover-glass is applied and sealed. Supports are optional. At least 10
specimens from a population should be examined; the patterns can usually be seen satisfactorily at
a magnification of about x500 but for species having small or indistinct patterns an oil-immersion
objective and higher magnification may be needed. As noted by Taylor (1987), the lip region shape
and the position of the excretory pore in mature females are an aid to the identification of Meloido-
gyne species. Gerber and Taylor (1988) give details of preparation and mounting so as to show the
anterior end and perineal pattern on the one specimen. The preparation is similar to that described
above for perineal patterns only but the mature female is pierced once or twice in the mid body
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region and the body contents carefully squeezed out so as not to damage the neck or posterior end.
The female is then orientated with the perineal pattern to one side and, using a fine scalpel or
hypodermic needle, the posterior quarter of the body, without the pattern, is cut away taking care
not to damage the pattern. The prepared specimens are then mounted in glycerol with the cut
opening underneath and the perineal pattern uppermost. For additional information on preparation
methods for culturing and identification of Meloidogyne spp. sce Barker er al. (1985) or Jepson
(1987).

Vulval cones of cyst nematodes
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Rice is the most important food crop in the world being the staple food for more than half of the
world’s population, predominantly in Asia where more than 90% of the world’s rice is grown and
consumed. It is a very versatile crop and there are many types of rice adapted to various environments
and cultivation practises.

Essentially there are five major rice growing environments (Khush, 1984), which have a profound
impact on the plant parasitic nematode fauna and their concomitant damage.

Irrigated

About 53% of the world rice area is irrigated and provides up to 75% of the total world rice
production. Irrigated (inundated) areas have good water control and rice is flooded throughout the
growing season.

Rainfed lowland

Approximately 31% of the world rice area is planted in rainfed lowland areas. Rainfed lowlands
have a wide variety of growing conditions related to depth and duration of standing water on the
crop. The fields are bunded but are entirely dependent on rainfall.

Deepwater

Areas classified as deepwater occur in the river deltas of South and Southeast Asia occupying about
3% of the world rice area. There is no water control and flooding occurs only during part of the
growing season when water depths vary to over 3 m.

Tidal wetlands
Tidal wetlands occur near sea coasts and inland estuaries and are directly or indirectly influenced
by tides.

Upland

Upland rice is grown in soils without surface water accumulation. It is rainfed without any water
control. Upland rice occupies approximately 13% of the world rice area and yields are generally
low. Most rice in Africa and Latin America is upland.
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TABLE 1. Plant nematode genera and species known or suspected to cause yield loss in rice and means of
spread

NEMATODES MEANS OF SPREAD

FOLIAR PARASITES

RICE AFFECTED

Aphelenchoides besseyi

Ditylenchus angustus
ROOT PARASITES

Upland, Irrigated, Lowland & Deepwater

Lowland & Deepwater

Seed, Stem & Panicles,
Soil
Stem & Panicles, Soil

Criconemella onoensis Upland, Irrigated & Lowland Soil

Heterodera elachista Upland & Irrigated Soil & Roots
H. oryzae Upland & Irrigated Soil & Roots
H. oryzicola Upland & Irrigated Soil & Roots
H. sacchari Upland & Irrigated Soil & Roots
Hirschmanniella belli Irrigated, Lowland & Deepwater Soil & Roots
H. gracilis Irrigated, Lowland & Deepwater Soil & Roots
H. imamuri Irrigated, Lowland & Deepwater Soil & Roots
H. mexicana Irrigated, Lowland & Deepwater Soil & Roots
H. mucronata Irrigated, Lowland & Deepwater Soil & Roots
H. oryzae Irrigated, Lowland & Deepwater Soil & Roots
H. spinicaudata Irrigated, Lowland & Deepwater Soil & Roots
Hoplolaimus indicus Upland & Irrigated Soil & Roots
Meloidogyne graminicola Upland, Irrigated, Lowland & Deepwater Soil & Roots
M. incognita Upland & Irrigated Soil & Roots
M. javanica Upland & Irrigated Soil & Roots
M. arenaria Upland & Irrigated Soil & Roots
M. oryzae Irrigated Soil & Roots
M. salasi Irrigated Soil & Roots
FParalongidorus australis Upland & Irrigated Soil

Pratylenchus brachyurus Upland Soil & Roots
P. indicus Upland Soil & Roots
P. sefaensis Upland Soil & Roots
P. zeae Upland Soil & Roots
Xiphinema ifacolum Upland Soil

Nematodes of Rice

Many genera of parasitic nematodes are associated with rice, but not all are of proven or potential
economic importance (Table 1). Fhey have diverse parasitic habits, but all cause mechanical damage
and/or malfunctions of the physiological processes involved in plant development, resulting in poor
growth and yield loss. Some species cause damage in all rice environments whilst others are more
restricted (Table 1). Nevertheless, rice nematodes can be conveniently divided into two groups
depending on their parasitic habits: the foliar parasites, feeding on stems, leaves and panicles; and
the root parasites.

Foliar Parasites

Aphelenchoides besseyi

Aphelenchoides besseyi is seed borne and causes the disease ‘white tip’. It is very widely distributed
and now occurs in most rice growing areas (Ou,1985).
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Symptoms

Biology

Susceptible plants can be symptomless but in general yield loss only occurs in plants showing some
symptoms. During early growth, the most conspicuous symptom is the emergence of the chlorotic
tips of new leaves from the leaf sheath (Fig. 1). These tips later dry and curl, whilst the rest of the
leaf may appear normal. The young leaves of infected tillers can be speckled with a white splash
pattern, or have distinct chlorotic areas. Leaf margins may be distorted and wrinkled but leaf sheaths
are symptomless (Plate 1C).

Viability of infected seed is lowered, germination is delayed (Tamura & Kegasawa, 1959b) and
diseased plants have reduced vigour and height (Todd & Atkins, 1958). Infected panicles are shorter,
with fewer spikelets and a smaller proportion of filled grain (Dastur, 1936; Yoshii, 1951; Todd &
Atkins, 1958).

In severe infections, the shortened flagleaf is twisted and can prevent the complete extrusion of
the panicle from the boot (Yoshii & Yamamoto, 1950a; Todd & Atkins, 1958). The grain is small
and distorted (Todd & Atkins, 1958) and the kernel may be discoloured and cracked (Uebayashi et
al., 1976) (Fig. 2). Infected plants mature late and have sterile panicles borne on tillers produced
from high nodes.

When seed infected with A. besseyi is sown, the anabiotic nematodes rapidly become active and are
attracted to meristematic areas. During early growth, A. besseyi is found in low numbers within the
innermost leaf sheath, feeding ectoparasitically around the apical meristem (Yoshii & Yamamoto,
1950b; Goto & Fukatsu, 1952; Todd & Atkins, 1958). The main stem is frequently more infected
than subsequent tillers (Goto & Fukatsu, 1952). A rapid increase in nematode numbers takes place
at late tillering (Goto & Fukatsu, 1952) and is associated with the reproductive phase of plant growth
(Huang & Huang, 1972). Nematodes are able to enter spikelets before anthesis, within the boot,
and feed ectoparasitically on the ovary, stamens, lodicules and embryo (Dastur, 1936; Huang &
Huang, 1972). However, A. besseyi is more abundant on the outer surface of the glumes and enter
when these separate at anthesis (Yoshii & Yamamoto, 19505). As grain filling and maturation
proceed, reproduction of the nematode ceases, although the development of J3 to adult continues
until the hard dough stage (Huang & Huang, 1972). The population of anabiotic nematodes is
predominantly adult female (Huang et al., 1979). These nematodes coil and aggregate in the glume
axis. More nematodes occyr in filled grain than in sterile spikelets (Yoshii & Yamamoto, 1950b)
and infected grain tends to occur more towards the middle of the panicle (Goto & Fukatsu, 1952).

A. besseyi is amphimictic (Huang er al., 1979) and males are usually abundant, however repro-
duction can be parthenogenetic (Sudakova & Stoyakov, 1967). The optimum temperature for oviposi-
tion and hatch is 30°C. At 30°C the life cycle is 10 % 2 days and lengthens significantly at temperatures
< 20°C (Huang et al., 1972). No development occurs below 13°C (Sudakova, 1968).

Races and pathotypes

Host races of A. besseyi are thought to exist although there is very little evidence except that
strawberry plants are not infected by A. besseyi from chrysanthemum (Noegel & Ferry, 1963).
During several years of screening for resistance to A. besseyi in the USA (Cralley, 1952; 1954;
Atkins & Todd, 1959) the existence of pathotypes was not discussed as a problem. Differences in
susceptibility between years and locations were attributable to environmental factors.

Survival and dissemination

A. besseyi aggregate in the glume axis of maturing grain and slowly desiccate as kernel moisture is
lost. They become anabiotic and are able to survive for 8 months to 3 years after harvest (Cralley,
1949; Yoshii & Yamamoto, 1950b; Todd, 1952; Todd & Atkins, 1958). Survival is enhanced by
aggregation and a slow rate of drying (Huang & Huang, 1974), but the number (Yoshii & Yamamoto,
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Fig. 1. White tip symptoms on rice leaf caused by Aphelencho-
ides besseyi.

Fig. 2. Necrotic lesions on rice seed endosperm caused by Aphelenchoides besseyi.
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1950b; Sivakumar, 19874) and infectivity (Cralley & French, 1952) of nematodes is reduced as seed
age increases. It is ironic that good seed storage conditions probably prolong nematode survival.

A. besseyi is not thought to survive long periods in soil between crops (Cralley & French, 1952;
Yamada et al., 1953) although anabiotic nematodes may survive on rice husks and plant debris.
Sivakumar (1987b) found A. besseyi reproducing on Curvularia and Fusarium in straw after harvest.

The principle dispersal method for A. besseyi is seed. The inadvertent dissemination of infected
seed must account for its world wide distribution. On a local scale A. besseyi can be transmitted in
flood water in lowland rice (Tamura & Kegasawa, 1958; Uebayashi & Imamura, 1972) but the
survival of nematodes in water decreases as temperature increases from 20° to 30°C (Tamura &
Kegasawa, 1958). High seeding rates in infected seed beds also facilitates local dispersal (Kobayashi
& Sugiyama, 1977).

Environmental factors affecting parasitism

A. besseyi is able to infect rice in most environments, but infection and damage is generally greater
in irrigated lowland and deep water than in upland. In Brazil, Silveira et al. (1977) found significantly
more infestations in irrigated rice than in upland, and in Japan infection was greater in flooded
conditions (Tamura & Kegasawa, 1959q).

A. besseyi is active and feeds at a relative humidity greater than 70% (Tikhanova, 1966) and
consequently, a high relative humidity during the reproductive phase of the crop is required for
migration into the panicle (Sivakumar, 1987b) and favours symptom development (Dastur, 1936).

Other hosts

The host range encompasses more than 35 genera of higher plants (Fortuner & Williams, 1975).
The wild annual rice Oryza breviligulata A. Chev. & Roehr. and Oryza glaberrima Steud. are good
hosts. Other important hosts include some common weeds of rice fields e.g. Cyperus iria L., Setaria
viridis Beauv. and Panicum sanguinale L. (Yoshii & Yamamoto, 1950b), and food crops such as
Dioscorea trifida L. (yam), Ipomoea batatas (sweet potato), Allium cepa L. (onion), Zea mays L.
(maize) and Colocasia esculenta L. (taro). In addition, many saprophytic and pathogenic fungi are
good hosts e.g. Alternaria spp., Curvularia spp., Fusarium spp., Helminthosporium spp., Nigrospora
sp., Sclerospora sp. and Botrytis cinerea. Rao (1985) found that A. besseyi survived but did not
multiply on the rice blast fungus, Pyricularia oryzae, and Iyatomi and Nishizawa (1954) reported
that A. besseyi can feed and reproduce on the stem rot fungus Sclerotium oryzae.

Disease complexes
The involvement of A. besseyi in disease complexes is not widely researched. In Bangladesh, A.
besseyi occurs with Ditylenchus angustus (Timm, 1955) and Meloidogyne graminicola, but little is
known of their associations. In pot tests the effects of A. besseyi and M. graminicola on yield of
flooded rice were additive but M. graminicola infected plants had more A. besseyi/seed at harvest
than those with A. besseyi alone (Plowright, 1986).

A. besseyi appears to influence the symptom development of some fungal pathogens of rice.
Nishizawa (1953a) found that A. besseyi reduced the severity of Sclerotium oryzae (stem rot)
symptoms and Tikhanova and Ivanchenko (1968) observed that the deterioration of Pyricularia
oryzae (blast) infected leaves was accelerated by A. besseyi which reproduced in the blast lesions.
In both reports, the concomitant infection of the fungus and A. besseyi reduced yield more than
either organism separately. McGrawley er al. (1984) found that the S. oryzae disease rating and
population density of A. besseyi on rice cv Nova 76 was increased by concomitant infection of both
organisms and their effect on yield was synergistic. Symptom expression, yield loss and the population
dynamics of A. besseyi varied between rice cultivars.

Rice kernels infected by A. besseyi are predisposed to secondary infection by saprophytes such
as Enterobacter agglomerans which causes black, wedge-shaped spots on grain (Nishizawa, 1976;
Uebayashi et al., 1976)



PLANT PARASITIC NEMATODES IN SUBTROPICAL & TROPICAL AGRICULTURE

Economic importance and population damage threshold levels
A. besseyi is widely distributed because of its dissemination in seed, but its importance varies between
regions, countries and localities. Within a locality the incidence and severity of the disease can
change from year to year and is strongly influenced by cultural practises and local rice types.

Damage in a susceptible cultivar largely depends on the percentage of infested seed sown and
the number of A. besseyi/infested seed. With few exceptions, the former has rarely been determined
despite its importance in governing the number of infection loci in a field. Generally, population
densities/seed number or weight are counted. Fukano (1962) determined an economic damage
threshold density (300 live nematodes/100 seed) which provides a useful basis for damage prediction
since in many countries very little information on the current pest status of A. besseyi exists.

Yield loss data for A. besseyi have been widely reported. In the 1950’s typical figures for
susceptible cvs in the USA were 17.5%, 4.9% and 6.6% in different years (Atkins & Todd, 1959)
and 10-30% in Japan (Yamada & Shiomi, 1950; Yoshii & Yamamoto, 1950a; Yoshii, 1951). A.
besseyi has been controlled in the USA by seed treatment and resistant cvs and is no longer a pest
(Hollis & Keoboonrueng, 1984). A. besseyi also disappeared from Japan but has re-occurred, the
economic value of infected discoloured grain being reduced if infection exceeds 0.7% (Inagaki,
1985).

A. besseyi damage has been reported from deep water rice in Bangladesh. More than 50% of
fields are infected and the panicle weight of heavily infected plants (650 nematodes/100 seed) was a
third that of less infected plants (112 nematodes/100 seed) (Rahman & McGeachie, 1982; Rahman
& Taylor, 1983). In contrast, local cultivars in Thailand appear to be tolerant of A. besseyi and no
symptoms have been observed despite widespread infection (Buangsuwon ez al., 1971).

Economic loss in the Philippines has not been reported, but infection varies according to year,
season and cultivar (Madamba er al., 1974). Levels of infested seed are generally low (4.7-7% over
5 years) (Madamba er al., 1981) and severe damage is unlikely as high numbers of A. besseyi
(210-5300/100 seed) are not always associated with a high percentage of infested seed.

A. besseyi is thought to be an important pest in India. Rao (1976) reported severe symptoms in
the field, but accurate yield loss assessment is lacking. Muthukrishnan er al. (1974) observed that
plants sometimes recover after early severe damage and computed losses of 0.2-10%. Infestation
levels in Sri Lanka are not considered important (Lamberti & Ekanayake, 1980).

In Africa, A. besseyi is widespread, particularly in west and central Africa, Madagascar and the
Comoro Islands (Barat er al., 1969). White tip is very likely to be causing significant yield loss in
the mangrove swamp rice of Sierra Leone, where the widely grown cultivars are very susceptible to
A. besseyi (3000-10 000 A. besseyi/100 seed) and the incidence and severity of the disease is increasing
(Fomba, 1984). Yield loss is also likely in Tanzania where levels of infested seed are very high
(2-82%) and average 68 A. besseyilinfested seed (Taylor et al., 1972), and in Madagascar where
Vuong (1969) considered that all seed was infested above the Fukano (1962) threshold. A. besseyi
is not a problem in Zimbabwe (Anon., 1972) and Ghana (Addoh, 1971). In Nigeria, it is very
widespread but typical symptoms have not been observed. Infestation levels can be 2-400/100 seed
but are commonly < 100/100 seed (Babatola, 1984). In the USSR the yield loss of a susceptible
cultivar was 54%. A. besseyi infested seed (80%) gave rise to only 31% damaged plants in the field
(Popova, 1984). Yield loss in central-west Brazil would seem unlikely with the infestation levels
(10-140/100 seed) given by Huang et al. (1977) unless grain has a high percent infestation.

Control measures
Preventing dispersal of A. besseyi requires the elimination of nematodes from seed e.g. by hot water
or chemical seed treatments. Resistant cultivars and cultural methods have been used to reduce
infection below damage thresholds, and tolerant cultivars avoid yield loss without nematode control.
Stubble burning prevents transmission of A. besseyi in straw and chaff but would have to be used
in conjunction with other control measures.
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Hot water treatment

There are numerous references on the hot water treatment of rice seed (Cralley, 1949, 1952; Yoshii
& Yamamoto, 1950c, 1951; Todd & Atkins, 1958; Borovkova, 1967). The most effective control
requires seed to be pre-soaked in cold water for 18-24 hours, then immersed in water at 51-53°C
for 15 minutes. Higher temperatures (55-61°C for 10-15 min) are required if seed is not pre-soaked.
The temperature and duration of treatment must be closely monitored, and after treatment the seed
must be dried at 30-35°C or sun dried if stored, but otherwise can be sown directly in the field. For
quarantine purposes at the International Rice Research Institute, seed is soaked in cold water for
three hours followed by hot water at 52-57°C for 15 minutes.

Chemical

Various chemical seed treatments have been used e.g. organic mercury, nicotine sulphate, Parathion,
Systox, Malathion, mercuric chloride, methyl bromide, Fensulfothian, carbofuran, aldicarb and
methomyl. Good control (up to 100%) is often achieved using carbofuran (Martins et al., 1976;
Ribeiro, 1977). In India Rao et al. (1986a) reported 72% control using soil applications of carbofuran
and Lee et al. (1972) reported effective control by treating water or by root dipping with Diazinon
and Nemagon. A. besseyi control with phosphomidon and carbosulfore sprays has been reported
(Rao et al., 1986a) but pre-harvest chemical treatments alone are only partially effective (Aleksan-
drova, 1981). No economic assessment of the use of chemical control for A. besseyi has been made.

Resistance and tolerance

Resistance to A. besseyi appears to be widespread. Cralley (1949) and Cralley and Adair (1949) first
reported variations in susceptibility of rice to A. besseyi and listed the cultivars Arkansas Fortuna,
Nira 43 and Bluebonnet as resistant. In the USA, A. besseyi has been controlled principally through
the use of resistant cultivars.

Resistance to A. besseyi has subsequently been reported from Japan (Nishizawa, 1953b; Yamada
et al., 1953; Goto & Fukatsu, 1956), Korea (Park & Lee, 1976), India (Rao et al., 1986), Brazil
(Oliveira & Ribeiro, 1980; Silveira et al., 1982), USSR (Popova et al., 1980) and Italy (Orsenigo,
1954). Resistance to A. besseyi is said to be genetically controlled and carried by the Japanese cv
Asa-Hi (Nishizawa, 1953).

Screening for resistance, based primarily on symptom expression, has commonly revealed symp-
tomless but susceptible (i.e. tolerant) cultivars (Nishizawa, 1953; Goto & Fukatsu, 1956). Symptom
expression in the field was particularly variable (Atkins & Todd, 1959) and variations between plants
of a cultivar also occur (Orsenigo, 1954). In Thailand, all local cultivars are considered tolerant of
A. besseyi (Buangsuwon et al., 1971). These variations in part demonstrate the strong influence of
environment on A. besseyi development and damage.

Cultural

Irrigating seed beds (Yamada er al., 1953) or direct seeding into water (Cralley, 1956) reduces
infection. In these conditions nematodes emerge and lose vigour before seed germination. High
seedling rates in the seed bed (Kobayashi & Sugiyama, 1977) and high numbers of seedlings/hill
(Yamada er al., 1953) tend to increase infection by increasing the number of infection loci in the
field. Such problems are thought to be responsible for the re-occurrence of A. besseyi in Japan
(Inagaki, 1985). In the USA (Cralley, 1949) and Japan (Yoshi & Yamamoto, 1951; Yamada et al.,
1953) early planting presumably in cooler conditions reduced or eliminated A. besseyi infection.

Summary of control measures
1. Hot water treatment of seed. Probably the most effective and cheapest control measure.
2. Resistant or tolerant cultivars.
3. Early planting if rice season is preceded by a cooler period.
4. Low seed bed planting densities.
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Methods of diagnosis
Different sampling methods are used depending on the stage of crop growth. During early growth
and tillering, A. besseyi is found in the base of the culm and between leaf sheaths. For immediate
inspection plant tissue is carefully teased in water to release nematodes. Plant tissue can be stained
before examination which is particularly useful for detecting low numbers. Alternatively, A. besseyi
can be extracted from chopped tillers placed on a sieve, or directly in water.

During the reproductive phase A. besseyi is progressively found on or in developing spikelets
and peak numbers are found at flowering. A. besseyi is recovered from spikelets and grain by soaking
a known number in water for 24-48 h at 25-30°C. Quantitative extraction requires that the glumes
are separated from the kernel yet remain in the extract. The percentage of infested seed is a useful
parameter, but extracting from individual seeds is time consuming. Better recovery is achieved from
hulled grain but extraction from unhulled grain is sufficient for detection of A. besseyi (e.g. for
quarantine) from a large seed sample.

Ditylenchus angustus

D. angustus the cause of ‘ufra’ (India) or ‘Tiem Dot San’ (Vietnam) occurs in Bangladesh, Burma,
India, Madagascar, Malaysia, Thailand and Vietnam, mainly in deepwater rice areas in major river
deltas on both deep water and lowland rice.

Symptoms of damage

During vegetative growth, symptoms of nematode damage are prominent white patches, or white
speckles in a splash pattern at the bases of young leaves (Fig. 3 & Plate 1A). Brown stains may
develop on leaves and sheaths and later intensify to a dark brown colour; leaves inside such sheaths
may be wrinkled. Young leaf bases are twisted, leaf sheaths distorted, and the lower nodes can
become swollen with irregular branching (Fig. 4). After heading, infected panicles are usually
crinkled with empty, shrivelled glumes, especially at their bases; the panicle head and flag leaf are
twisted and distorted (Fig. S & Plate 1B). Panicles often remain completely enclosed within a swollen
sheath or only partially emerge (Fig. 6) (Butler, 1913; Hashioka, 1963; Vuong & Rabarijoela, 1968;
Cox & Rahman, 1980; Chakrabarti et al., 1985). Dark brown patches of ufra infected plants can be
observed in the field normally after panicle initiation (Plate 1D).

Biology and life cycle

D. angustus is an ectoparasite, feeding on young, foliar tissues. Nematodes in water, invade rice
within one hour, but invasion varies with plant age — older plants being less easily invaded (Rahman
& Evans, 1988). In deep water rice seedlings, nematodes are found around the growing point but
in all parts of the plant in lowland rice. Nematodes are carried or migrate upwards to feed on newly
forming tissues enclosed in the rolled leaf sheaths. They accumulate and feed on the primordia of
the developing panicles and at harvest are coiled in a quiescent state mainly within the dried glumes
of the lower spikelets on each panicle, but not within the grains. Activity and infectivity is resumed
when water returns for the next rice crop. On deep water rice in Bangladesh, Butler (1913) assumed
that multiplication of D. angustus takes place between May, June and November with at least three
generations. The greatest infection of rice occurs in the temperature range 27 to 30°C (Butler, 1913,
1919; Hashioka, 1963; Vuong & Rabarijoela, 1968; Vuong, 1969).

Survival and means of dissemination
Between crops, D. angustus remains active in ratoons, volunteer or wild rice (Rathaiah, 1988) and
other hosts. It also survives in a desiccated state in crop residues, mainly panicles enclosed or
partially enclosed in leaf sheaths (Cox & Rahman, 1979b; Kinh, 1981). Nematodes can be reactivated
in water after 7-15 months (Butler, 1913) but may not remain infective. There is an ‘“‘overwinter
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Fig. 3. White patches on rice leaf base caused by Ditylenchus angustus.

——

Fig. 4. Twisting and distortion of leaf bases caused by Ditylen-
chus angustus.
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/

Fig. 5. Twisting and distortion of rice panicles and flag leaf caused by Ditylenchus

L4 /)
Sl

Fig. 6. Partial emergence of rice panicle due to Ditylenchus
angustus.
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decay” of D. angustus in crop residues between rice crops (Cod & Rahman, 1979b) and populations
rapidly decline after harvest.

Nematodes in flooded soil are inactive in less than 4 months (Butler, 1913) and probably lose
their infectivity in a much shorter period. However, infested soil dried for 6 weeks can produce ufra
disease symptoms two months after planting rice (Cuc, 1982b). Soil from around diseased plants
does not normally appear to produce the disease (Hashioka, 1963) and is a minor component in
disease transmission and nematode survival.

Most D. angustus die after a few days in water but survival for longer periods has been observed
(Butler, 1919). Nematode death appears to occur in water but even a relatively brief survival in
water would allow D. angustus to spread by water flow to infect new plants (Hashioka, 1963; Sein
& Zan, 1977). Long distance transmission in run off water, canals and rivers is possible. Nematodes
can migrate from diseased to healthy plants in water, and by stem and leaf contact under high
humidity (>75% R.H.) (Rahman & Evans, 1988).

D. angustus can be found inside filled and unfilled spikelets of freshly harvested rice but not in
dried seed from infected plants (Butler, 1919; Hashioka, 1963; Sein, 1977b; Cuc & Giang, 1982)
therefore dissemination in seed seems unlikely.

Environmental conditions affecting parasitism
D. angustus is a parasite of deepwater, irrigated and lowland rice and requires at least 75% humidity
to migrate on the foliage. Ufra disease is most severe in the wettest years and in the wettest areas
of Bangladesh where the median rainfall exceeds 1.6 m (Cox & Rahman, 1980). In Vietnam, the
disease is most severe in months of high rainfall or in fields with high water levels (Cuc & Kinh,
1981).

Hosts of D. angustus :
Hosts are mainly confined to wild and cultivated species of deepwater and lowland rice (O. sativa
var. fatua, O. glaberrima, O. cubensis, O. officinalis, O. meyriana, O. latifolia, O. perennis, O.
eichingeri, O. alta, O. minuta) but Leersia hexandra has also been found to support populations of
the nematode (Hashioka, 1963; Vuong & Rabarijoela, 1968; Sein & Zan, 1977). Two other weeds,
Echinochloa colona and Sacciolepsis interrupta, have also been found to be infected (Cuc, 1982a).

Disease complexes
The ufra nematode can increase the N content of rice plants and thus the plants become more
susceptible to the plant pathogen Pyricularia oryzae (Mondal et al., 1986). Foliar brown spots
associated with the nematode could be secondary invasion sites for Fusarium and Cladosporium
fungi (Vuong, 1969).

Economic importance
Ufra has a restricted distribution because of the unique environmental requirements of the nematode.
It is often localized in a rice growing region and does not always occur in the same fields every year.
The worldwide and national yield losses caused by D. angustus are therefore seemingly low. In
Bangladesh, for example, an annual yield loss of 4% (20% yield loss over 20% of the area) has
been estimated on deepwater rice (Catling et al., 1979). However, when it does occur, it is one of
the most devastating of all diseases affecting rice (Cox & Rahman, 1980).

D. angustus is a serious problem in Vietnam in the Mekong Delta. It can cause 50% to 100%
loss of deepwater, irrigated and lowland rice, and during 1974 hundreds of hectares of deepwater
rice in one Province were totally lost (Cuc & Kinh, 1981). During 1982 60 000 to 100 000 ha of rice
in the Mekong Delta were affected by D. angustus (Catling & Puckridge, 1984) and, in Dong Thap
Province, 10 000 ha were affected (Puckeridge, 1988). Hashioka (1963) estimated that 500 ha of
lowland rice in southern Thailand had yield losses of 20 to 90% caused by ufra. Rice in Assam and
West Bengal, India has been found infected with D. angustus with losses estimated at 10 to 30% in
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some areas (Pal, 1970; Rao er al., 1986b). In Bangladesh, 60-70% of low lying areas covering about
200 000 ha are now infested with D. angustus (Mondal & Miah, 1987).

Serious yield losses can occur if transplanted rice seedlings are infected with D. angustus, even
at low initial percentage infection. Yield losses varying from 1.26 to 3.94 t/ha have been recorded
with 4 to 10% infected seedlings (Mondal et al., 1988).

Control measures

Many different measures to control D. angustus have been suggested, some practical, others less
feasible. Those likely to achieve the best results are destruction or removal of infested stubble and
straw, crop rotation, control of weeds and volunteer rice, control of water flow, varietal resistance,
and escape cropping.

Destruction or removal of infested stubble and straw

Burning of infested crop residues gives very effective control and has long been advocated (Butler,
1919). Thorough burning is essential, although it is not always possible where soil remains water-
logged after harvest or when a large proportion of the straw is removed for other purposes, e.g. for
cattle fodder, leaving insufficient for effective burning (McGeachie & Rahman, 1983). Ploughing in
crop residues can reduce ufra as nematodes decline more rapidly in moist soil than in foliar remains
{Butler, 1919). This is not always possible and depends on local circumstances and soil conditions.

Crop rotation

Growing a non-host crop such as jute in rotation with deepwater rice can reduce the incidence of
ufra in fields where the rise of floodwater is not excessively fast (McGeachie & Rahman, 1983).
Lowland transplanted rice rotated with a non-host, mustard, is less affected by ufra than continuously
cultivated rice (Miah & Rahman, 1985).

Eliminating other hosts
Removal of volunteer and ratoon rice plants, wild rice and other host weeds will help prevent the
carry over of nematodes from one rice crop to the next (Hashioka, 1963; Sein & Zan, 1977).

Controlling water flow
As nematodes can easily be spread in surface water, preventing river overflow into fields by improved
bunding or banks could be beneficial (Sein & Zan, 1977).

Resistance
A large number of deepwater and lowland rice cultivars have been tested against D. angustus. In
Vietnam, four high-yielding local improved breeding lines (IR9129-393-3-1-2, TR9129-169-3-2-2,
IR9224-117-2-3-1, IR2307-247-2-2-3) and three cvs (BKN6986-8, CNLS3, Jalaj) are described as
slightly infected (Kinh & Phuong, 1981; Kinh & Nghiem, 1982). A Burmese cv (B—69-1) from the
Irawaddy Delta was tolerant of ufra disease (Sein, 1977a), and a Thailand cv (Khao Tah Ooh) was
relatively less susceptible (Hashioka, 1963). Two cvs in West Bengal, India (IR36 and IET4094)
were also less susceptible (Chakrabarti et al., 1985). Complete resistance to D. angustus has been
found in a wild rice, Oryza subulata, and a deepwater cv, RD-16-06 (Miah & Bakr, 1977b). The
Rayada group of deepwater rice lines show the most promise because of their strong resistance.
Nine Rayada lines are highly resistant to D. angustus in Bangladesh, and others showing moderate
resistance are CNL-319, BR306-B-3-2, BR308-B-2-2, Bazail 65 and Dalkatra (Rahman ,1987).
Improved cultivars could become available to farmers in the near future (Anon., 1987).

The cvs Padmapani and Digha are not attacked by D. angustus in areas of India and Bangladesh.
It is suggested that they escape the disease because of their short growth duration (Mondal & Miah,
1987; Rathaiah & Das, 1987).
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Escape cropping

D. angustus survives for a limited period and lengthening the overwinter period can reduce primary
infection (Cox & Rahman, 1980; McGeachie & Rahman, 1983). This can be achieved with deepwater
rice by using short duration cultivars or late sowing and transplanting. Manipulation of rice cropping
patterns and cultivation techniques is a promising means of control (McGeachie & Rahman, 1983).

Chemical

Chemicals such as carbofuran, mocap, hexadris monocrotophos, phenazine and benomyl have been
used with some success, but their high cost and difficulties of correct application make them
uneconomical and they have not been recommended for large scale field use.

The greatest reduction in nematode populations and disease incidence has been achieved with
carbofuran and benomyl, alone and in combination (Sein, 1977¢; Miah & Bakr, 1977a; Cox &
Rahman, 1979¢; Rahman et al., 1981; Miah & Rahman, 1985) but at rates which are generally
uneconomic.

Summary of control measures
The recommended control measures against D. angustus are broadly those put forward by the
Deepwater Rice Management Project (Anon., 1987): 1) thorough burning of crop residues to
eliminate all infested stem terminals; 2) extending the overwintering period by delayed planting; 3)
the use of shorter duration cuitivars. The use of resistant cultivars, when they become available,
should prove to be the most effective measure.

Methods of diagnosis
D. angustus is found in the foliage of growing plants (and crop residues) mainly near the growing
points of leaves and inflorescences and it is these portions of the plants that need to be sampled.
Pieces of plant about 5 mm long are cut longitudinally to expose the innermost young leaves.
Nematodes can be extracted from plant pieces placed in a small container on a Baermann funnel
or small tray with water and left for 24 hours or overnight before examining the suspension
(Chapter 2).
For immediate examination of material, the rolled leaves or young inflorescence can be teased
apart in a Petri dish of water and observed directly. Nematodes are active in fresh material but will
require some time to resume activity from dried panicles.

Root Parasites

Meloidogyne

Root-knot nematodes, Meloidogyne spp., have been found on rice in many countries. M. graminicola
is mainly distributed in the countries of S.E. Asia, Burma, Bangladesh, Laos, Thailand, Vietnam,
India, and is likely to occur in other countries of the region. A Meloidogyne sp., probably M.
graminicola, is reported damaging rice in Hainan Island, China (Guo et al., 1984). M. graminicola
has recently been found in the Philippines (Plowright, unpubl.) and has also been reported on rice
in the USA. It is a damaging parasite on upland, lowland and deepwater rice. M. oryzae has only
been found in Surinam, S. America (Maas ef al., 1978) on irrigated rice. Four species of Meloidogyne
occur only on upland rice; M. incognita (Costa Rica, Cuba, Egypt, Ivory Coast, Nigeria, S. Africa
and Japan). M. javanica (Brazil, Egypt, Comoro Islands, Nigeria and Ivory Coast), M. arenaria
(Nigeria, Egypt and S. Africa) and M. salasi (Costa Rica and Panama) (Lopez, 1984).
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Fig. 7. Characteristic hooked, root tip galls on rice caused by Meloidogyne
graminicola.

Symptoms
All Meloidogyne spp. cause swellings and galls throughout the root system. Infected root tips become
swollen and hooked, a symptom which is especially characteristic of M. graminicola and M. oryzae
(Fig. 7).

Above ground symptoms vary according to the type of rice and the species of Meloidogyne. In
upland conditions and shallow intermittently flooded land all species can cause severe growth
reduction, unfilled spikelets, reduced tillering, chlorosis, wilting and poor yield (Babatola, 1984).
Symptoms often appear as patches in a field.

M. graminicola is known to cause serious damage to deepwater rice. Prior to flooding, symptoms
are the typical stunting and chlorosis of young plants. When flooding occurs, submerged plants with
serious root galling are unable to elongate rapidly, and do not emerge above the water level (Bridge
& Page, 1982). This causes death or drowning out of the plants leaving patches of open water in
the flooded fields (Plate 1E).

Biology and life cycle

The biology and life cycle of M. incognita and M. javanica on rice is similar to that described for
other crops. The life cycle of M. oryzae is four weeks at a mean temperature of 27°C (Segeren-V.d.
Oever & Sanchit-Bekker, 1984). M. graminicola from Bangladesh has a very short life cycle on rice
of less than 19 days at temperatures of 22-29°C (Bridge & Page, 1982), and an isolate from the
USA completed its cycle in 23-27 days at 26°C (Yik & Birchfield, 1979). In India the life cycle of
M. graminicola is reported to be 26 to 51 days depending on time of year (Rao & Israel, 1973).
Females and egg masses of M. oryzae are completely embedded in root tissues and up to 50 females
can be present in a single gall (Segeren-V.d. Oever & Sanchit-Bekker, 1984).

Infective, second stage juveniles of M. graminicola invade rice roots in upland conditions just
behind the root tip (Buangsuwon et al., 1971; Rao & Israel, 1973). Females develop within the root
and eggs are mainly laid in the cortex (Roy, 1976a). Juveniles can remain in the maternal gall or
migrate intercellularly through the aerenchymatous tissues of the cortex to new feeding sites within
the same root (Bridge & Page, 1982). This behaviour appears to be an adaptation by M. graminicola
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to flooded conditions enabling it to continue multiplying within the host tissues even when roots are
deeply covered by water. Juveniles that migrate from rice roots in flooded soil cannot reinvade
(Bridge & Page, 1982).

Biological races
Rice cultivars are susceptible to race 1 of M. arenaria and races 2 and 4 of M. incognita (Ibrahim
et al., 1983).

Survival and means of dissemination

M. incognita, M. javanica, M. arenaria and M. salasi are parasites mainly of upland rice and survive
in soil as eggs or juveniles, or on alternative hosts. They do not survive long periods in flooded soil.
M. oryzae can survive in shallow flooded (<10 cm) rice fields for relatively short periods (Segeren-
V.d. Oever & Sanchit-Bekker, 1984) but M. graminicola is well adapted to flooded conditions and
can survive in waterlogged soil as eggs in eggmasses or as juveniles for long periods. Numbers of
M. graminicola decline rapidly after 4 months but some egg masses can remain viable for at least
14 months in waterlogged soil (Roy, 1982). M. graminicola can survive in soil flooded to a depth of
1 m for at least 5 months (Bridge & Page, 1982), it cannot invade rice in flooded conditions but
quickly invades when infested soils are drained (Manser, 1968). All Meloidogyne spp. can be spread
in soil and on seedlings of other crop hosts planted to a field. Because M. oryzae and, especially,
M. graminicola are found in flooded rice there is the additional danger of dissemination in irrigation
and run-off water.

Hosts of Meloidogyne
M. incognita, M. javanica and M. arenaria have numerous hosts other than rice.
M. graminicola also has a wide host range which includes many of the common weeds of rice
fields (Table 2). It is parasitic on both the indica and japonica races of Oryza sativa (Manser, 1971).

TABLE 2. Hosts of Meloidogyne graminicola

Alopecurus sp. Monochoria vaginalis (Burm. f.} Presl
Avena sativa L. Oryza sativa L.

Beta vulgaris L. Panicum miliaceum L.

Brachiara mutica (Forsk.) Stapf P. repens L.

Brassica juncea (L.) Czem. & Coss Paspalum scrobiculatum L.

B. oleracea L. Pennisetum typhoides (Burm. f.) Stapf & Hubbard
Colocasia esculenta (D.) Schott Phaseolus vulgaris L.

Cyperus procerus Rottb. Poa annua L.

C. pulcherrimus Willd. ex Kunth Ranunculus sp.

C. rotundus L. Saccharum officinarum L.
Echinochloa colona (L.) Link Sorghum bicolor (L.) Moench
Eleusine indica (L.) Gaertn. Sphaeranthus sp.

Fimbristylis miliacea (L.) Vahl Sphenoclea zeylanica Gaertn.

Fuirena sp. Spinacia oleracea L.

Glycine max (L.) Merr. Triticum aestivum L.

Lactuca sativa L. Vicia faba L.

Lycopersicon esculentum Mill.

Birchfield (1965); Manser (1971); Buangsuwon et al. (1971); Roy (1977); Yik & Birchfield (1979).

A number of weeds and crops are also alternative hosts of M. oryzae (Maas et al., 1978; Segeren-
V.d. Oever & Sanchit-Bekker, 1984) and M. salasi (Lopez, 1984).
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Economic importance
M. incognita can cause poor seedling establishment and reduced yields in upland rice. Yields can
decrease to 60% when 8000 eggs and juveniles/dm? of soil are present at sowing (Babatola, 1984).
Significant yield reductions can occur in both upland and irrigated rice with M. incognita (Ibrahim
et al., 1972) but damage is generally more severe under upland conditions (Fademi, 1984). Damage
to irrigated rice will occur where seedlings are raised in well-drained nursery soils. High initial soil
populations of both M. incognita and M. javanica are necessary to cause yield loss in rice, and
populations above 1000 eggs/plant are needed to reduce grain yield with M. javanica (Sharma, 1980).
M. graminicola can cause economic yield loss in upland, lowland and deepwater rice. In upland
rice, there is an estimated reduction of 2.6% in grain yield for every 1000 nematodes present around
young seedlings (Rao & Biswas, 1973). The population levels which cause 10% loss in yield of
upland rice are 120, 250 and 600 eggs/plant at 10, 30 and 60 days age of plants in direct seeded
crops (Rao er al., 1986). In flooded rice, damage by M. graminicola is caused in nurseries before
transplanting (Fig. 8) - the tolerance limit of seedlings is <1 J2/cm® soil (Plowright & Bridge,
unpubl.). Damage also occurs prior to flooding where rice is sown directly in well drained soils.
Experiments have shown that 4000 juveniles/plant of M. graminicola can cause destruction of up to
72% of deepwater rice plants by drowning out. Losses as high as this in the field are unlikely as
natural root populations vary considerably (Bridge & Page, 1982).

Control measures
The recommended control of Meloidogyne on rice depends on the species. Flooding of soil even for
relatively short periods will control M. incognita, M. javanica and M. arenaria and probably M.
salasi, but continuous flooding would be necessary for M. oryzae and M. graminicola. Increasing
soil fertility can compensate for some damage by the nematodes (Diomandé, 1984). Resistant
cultivars hold out the most promise for effective and economic control, and some resistance to the

Fig. 8. Meloidogyne graminicola root galls on rice
seedlings.
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different species has been found. Chemical control on the field scale is generally uneconomic
particularly with low yielding upland rice, but could be an economic proposition for nursery soils.

Flooding

M. incognita, M. javanica and M. arenaria are not important parasites of lowland rice except in
nursery seedlings, and can be controlled by flooding where this is possible. Although M. oryzae can
survive some flooding, it can be controlled at depths greater than 10 cm (Segeren-V.d. Oever &
Sanchit-Bekker, 1984). It is mainly a problem in the elevated areas of flooded rice fields where
levelling is poor. M. graminicola will survive normal flooding but damage to the crop can be avoided
by raising rice seedlings in flooded soils thus preventing root invasion by the nematodes (Bridge &
Page, 1982). Continuous flooding is highly effective in controlling M. graminicola in Vietnam (Kinh
et al., 1982).

Resistance

A number of rice cultivars and breeding lines have been recorded as resistant to Meloidogyne species
although only a small number of these are truly resistant. Diomandé (1984) found that cultivars of
Oryza glaberrima were resistant to M. incognita. Generally cultivars of O. sativa were susceptible
although some improved cvs IRAT 109, IRAT 112, IRAT 133, IRAT 106 and a traditional cv CG
- 18 also showed tolerance. Rice cultivars IR 28, IR 459 and P24 are “resistant” to M. arenaria, M.
javanica and M. incognita (races 2, 3 and 4), and A95, Giza 171 and Giza 172 are “resistant” to M.
incognita (race 3) and M. javanica (Ibrahim et al., 1983). The cultivars IR 20, Ikong Pao Faro 21
and 27 support low populations of M. incognita in Nigeria (Babatola, 1980; Fademi, 1987). The
majority of rice cultivars are susceptible to M. graminicola. For example, all 80 cultivars tested in
Laos were found to be susceptible (Manser, 1971). However, there are a number of cultivars from
India, Thailand and USA which are reported to be resistant to M. graminicola (Table 3).

TABLE 3. Rice cultivars reported to be resistant, or only supporting low populéltions of M. graminicola

Khao Dok Ma Li 105 Farma

Arya 66 Dubaichenga
Rd, 6 K 115

Rd, 7 Jagannath
Rd, 8 Endolia lahi
Rd, 15 Basant Bahar
LA 110 Prosadbhog
Bonnet 73 IR 33

Le Bonnet IR 20
Bellepatna Jayanthi
Toride 1 Pankaj
Magnolia Vijaya

SS Starbonnet Supriya
Garem Hamsa
Dumai Monoharsali
Bahagia Zenith

Roy (1973); Jena & Rao (1974, 1976); Prasad et al. (1979, 1986b); Yik & Birchfield (1979); Chunram (1981);
Rao et al. (1986).

Crop rotation

Certain crops are resistant or poor hosts of M. graminicola and could be used in rotation to reduce
nematode populations e.g. castor, cowpea, sweet potato, soybean, sunflower, sesame, onion, turnip,
Phaseolus vulgaris, jute and okra (Rao ef al., 1986). Long rotations, greater than 12 months, will
be needed to reduce M. graminicola soil populations to low levels. Introducing a fallow into the
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rotation will also give control of the nematodes but, to be effective, it needs to be a bare fallow
free of weed hosts (Roy, 1978) and is therefore impractical in most circumstances. However, one
weed, Eclipta alba, is toxic to M. graminicola and could be grown and incorporated into the field
soil to kill the nematodes (Prasad & Rao, 1979b).

Soil amendments
The use of decaffeinated tea waste and water hyacinth compost has been suggested to control M.
graminicola (Roy, 1976b).

Chemicals

Seed treatments, root dips, soil drenches and soil incorporation have been tested in experimental
trials with varying success in India (Rao et al., 1986) but their practical and economic applicability
has not been determined. Carbofuran and diazinon have given effective control of M. graminicola
in Vietnam when applied to irrigation water (Kinh et al., 1982) but this means of application has
many dangers.

Diagnosis

The presence and populations of Meloidogyne in rice roots can be determined by standard root
staining techniques (Chapter 2). Root extractions will only isolate hatched juveniles and males, and
a combination of root maceration and staining of a known weight of roots can be-a more efficient
and practical way of determining populations of sedentary females within roots. Assessing the
severity of root damage by the amount of galling (root-knot index) is a practical and speedy method,
but can be difficult with rice. One useful rating system is to rate only the percentage of affected
large roots with the root tip galls characteristic of Meloidogyne on rice (Diomandé, 1984).

Hirschmanniella

A number of Hirschmanniella species, known collectively as rice root nematodes, are parasites of
rice. The most commonly recorded species is H. oryzae but there was a tendency in the early
literature for all Hirschmanniella spp. found in rice roots to be grouped under the name H. oryzae
(Taylor, 1969). Seven species are reported to damage rice (H. belli, H. gracilis, H. imamuri, H.
mexicana [=H. caudacrena), H. mucronata, H. oryzae and H. spinicaudata) (Table 1), whilst a
further six species have been found in rice roots (H. kaverii, H. magna, H. nghetinhiensis, H. ornata,
H. shamimi, and H. thornei). Four species have been recorded from weeds in rice fields (H.
asteromucronata, H. furcata, H. obesa and H. truncata).

Symptoms of damage

There are no easily identifiable above-ground symptoms of nematode damage in the field. Retar-
dation of growth rate occurs especially in early growth, with a decrease in tillering. Yellowing of
rice plants is observed occasionally (Plate 1F), and flowering can be delayed by up to 14 days. Roots
invaded by Hirschmanniella spp. turn yellowish brown and rot (Van der Vecht & Bergman, 1952,;
Kawashima & Fujinuma, 1965; Mathur & Prasad, 1972; Muthukrishnan et al., 1977; Fortuner &
Mermy, 1979; Babatola & Bridge, 1979; Hollis & Keoboonrueng, 1984; Khuong, 1987; Ichinche,
1988).

Biology
Hirschmanniella species are migratory endoparasites of roots (Fig. 9). The nematodes produce
cavities and channels through the cortex which become necrotic for some distance into the root (Van
der Vecht & Bergman, 1952; Mathur & Prasad, 1972b; Lee & Park, 1975; Babatola & Bridge, 1980;
Hollis & Keoboonrueng, 1984).
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Fig. 9. Hirschmanniella oryzae female and eggs in roots of rice.

Eggs of H. oryzae are deposited in the roots a few days after invasion and hatching occurs 4-6
days after deposition (Van der Vecht & Bergman, 1952; Mathur & Prasad, 1972a). The life cycle
is of variable length. In north India, it is suggested there is only one generation of H. oryzae a year
(Mathur & Prasad, 1972a); in Japan two generations (Kuwahara & Iyatomi, 1970; Ou, 1985); and
in Senegal three generations (Fortuner & Merny, 1979). In Java, the minimum duration of develop-
ment from egg to adult is one month, with a multiplication rate of 13 per generation (Van de Vecht
& Bergman, 1952). Maximum root populations occur between tillering and heading of the rice crop
(Kuwahara & lyatomi, 1970; Fortuner & Merny, 1979).

Survival and means of dissemination

H. oryzae survives between erops in weeds and other hosts (Table 4), in ratooning rice roots,
and in undecayed roots of rice stubble (Mathur & Prasad, 1973b; Feng, 1986; Ichinohe, 1988).
Hirschmanniella spp. can also survive in soil. They survive longer in roots than in soil but survival
of root populations is shorter in flooded soil due to the more rapid decay of roots. Populations of
H. oryzae decrease slowly in wet rice fields in the absence of a host, surviving for at least 7 months
(Park et al., 1970) and are eradicated after 12 months (Fortuner & Merny, 1979). In dry conditions,
survival is enhanced by quiescence (Fortuner & Merny, 1979) e.g. H. oryzae can survive for longer
than 12 months in soils that are not continually wet (Muthukrishnan et al., 1977). H. oryzae, H.
imamuri, and H. spinicaudata have also been shown to survive in anaerobic conditions over a wide
range of pH (Babatola, 1981). In fallow field soil, populations of H. oryzae can survive high
temperatures of 35-45°C and low temperatures of 8-12°C (Mathur & Prasad, (973).

Hirschmanniella is spread in irrigation and flood water, and in soil adhering to implements and
field workers. Where there is a long history of rice cultivation, the nematodes are likely to be
widespread. In Japan, for example, virtually every rice paddy is infested with either H. imamuri or
H. oryzae (Ichinohe, 1988). The nematodes are also disseminated to the field in roots of rice
seedlings from nurseries. Hirschmanniella spp. are unusual nematodes being perfectly adapted to
constant flooding (Fortuner & Merny, 1979).
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Other hosts
Hirschmanniella spp. are parasites of a considerable number of rice field weeds (Van der Vecht &
Bergman, 1952) mainly of the families Cyperaceae and Gramineae (Table 4). Few cultivated crops
are hosts for H. oryzae in India (Mathur & Prasad, 1973b) however, some crop plants are hosts of
Hirschmanniella spp. (Babatola, 1979).

Disease complexes
Necrotic areas develop around nematodes as they migrate and feed on cortical tissues but diminish
as nematodes penetrate deeper into the roots. This suggests a phoretic relationship between the rice
root nematodes and soil micro-organisms, as necrosis does not occur at all in the absence of these
organisms (Babatola & Bridge, 1980). Similarly, “‘root browning” of rice, caused mainly by soil
micro-organisms, is increased in the presence of H. oryzae (Lee & Park, 1975).

Economic importance

It is estimated that Hirschmanniella spp. infest 58% of the world’s rice fields causing 25% yield
losses (Hollis & Keoboonrueng, 1984). However, there are discrepancies in yield loss estimates

" around the world and suggestions that yield reductions occurring in the presence of Hirschmanniella
are not always solely attributable to the nematodes. In Japan, for example, it has not always been
possible to demonstrate high correlations between nematode population levels and yield reductions
(Ichinohe, 1988). Similarly in Ivory Coast, where nematicide treatments against H. spinicaudata
increased rice yields by 20 to 53%, there was no significant correlation between yields and nematode
populations. The suggested explanation is that there is a bacteriological factor present which sup-
presses both nematodes and rice yields (Cadet & Quénéhervé, 1982). Contrasting evidence in
Senegal in microplots has established that H. oryzae can cause a yield loss of 42% when fertilizers
are not applied, with nematode populations at harvest of 3200 to 6000 nematodes/dm? of soil, and
5 to 30 nematodes/g root. Even when rice is grown in the best conditions with adequate fertilizers,
yield losses are 23%, with nematode populations at harvest of 1500 to 2500/dm’ of soil and 90 to
410 nematodes/g root (Fortuner, 1974, 1977, 1985).

Experiments with Hirschmanniella spp. have established varying degrees of yield loss. Inoculations
of one and 10 H. oryzaelg soil caused 27% and 39.4% yield loss (Jonathan & Velayuthan, 1987)
and the numbers of panicles and grain weight were reduced by 16% and 32% respectively with a
population level of 1200 Hirschmanniella per plant (Yamsonrat, 1967). H. imamuri, H. oryzae and
H. spinicaudata reduced yields by 31-34.3% at population levels of 1000 nematodes per plant or
500 nematodes/dm’® of soil (Babatola & Bridge, 1979). The yield of plants inoculated with 5000 H.
mucronatal/plant at one and 40 days was reduced by 50.6% and 45.6% respectively (Panda & Rao,
1971). H. oryzae populations of 100 per plant reduced grain yield by 35% (Mathur & Prasad, 1972b).
In microplots natural populations of 29 to 68 H. oryzae/500 cm? soil at transplanting reduced grain

weight by 13.8-19.2% (Venkitesan et al., 1979).

In Vietnam, economic damage by Hzrschmanniella spp. occurs when 40 or more nematodes are
present in a rice hill one week after transplanting; equivalent after multiplication to 800 nematodes
per hill at heading (Khuong, 1987). Yield losses caused by Hirschmanniella spp. are influenced by
soil fertility (Fortuner & Merny, 1979), age of plant when infected (Panda & Rao, 1971), number
of crops and flooding (Khuong, 1987), and seasonal climatic conditions (Mathur & Prasad, 1972b).

Control measures
Control of Hirschmanniella spp. has been achieved or recommended by various practices, in particu-
lar, fallow, weed control, use of “resistant” cultivars, rotation with non-host plants, chemical soil
treatment of nurseries and fields, and chemical root dipping and seed coating.
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Cultural practices
Yield losses due to Hirschmanniella spp. are greater in poor soils. It is, therefore, possible to reduce
yield losses by improving the nutritional status of the soil (Mathur & Prasad, 1972b).

Nematode populations decline in the absence of host plants but a considerable percentage can
survive depending on environmental conditions (Van der Vecht & Bergman, 1952; Mathur & Prasad,
1973; Muthukrishnan et al., 1977). Prolonged fallows might control Hirschmanniella but the evidence
suggests that fallows would need to be at least 12 months in wet conditions and longer in dry. They
would also need to be free of other crop and weed hosts. The management of weeds, which are
generally good hosts, will reduce nematode populations both in the absence of rice and during
growth of the crop.

Rotation of crops is not possible in continuous rice cropping, but is often normal practice where
a single wet season rice crop is followed by dry season crops. In fields with a single rice crop,
populations of Hirschmanniella, are always low in some localities (Khuong, 1987). This is due to a

TABLE 4. Hosts of Hirschmanniella spp. parasitic on rice

Weeds Crops
Alternanthera sessilis R. Br * Oryza sativa L.
* Brachiaria ramosa (L.) Stapf Abelmoschus esculentus (L.) Moench.
* Crogophora sp. Gossypium hirsutum L.
* Cyperus difformis L. Lycopersicon esculenium Mill.
C. elatus L. Pennisetum typhoides (Burm. f.) Stapf & Hubbard
C. nutans Vahl Saccharum officinarum L.
* C. iria L. Triticum aestivum L.
C. procerus Rottb. Zea mays L.
C. pulcherrimus Willd. ex Kunth.
C. rotundus L.

* Echinochloa colona (L.) Link

* E. crus-galli (L.) Beauv.

* Eclipta alba (L.) Hassk.
Eichhornia crassipes (Mart.) Solms

* Eleocharis spiralis (Rottb.) Roem & Schult.

* Eleusine indica (L.) Gaertn.
Eragrostis pilosa (L.) Beauv.)

* Fimbristylis ferruginea (L.) Vahl
F. globulosa (Retz.) O. Kuntze
F. miliacea (L.) Vahl

* Hydrolea zeylanica (L.) Vahl
Ischaeum rugosum Salisb.
Leptochloa chinensis (L.) Nees
L. fascicularis (Lam.) A. Gray
Lindernia antipoda (L.) Alston
Ludwigia perennis L.

Mnesithia laevis (Retz.) Kunth

* Monochoria hastata (L.) Solms
M. vaginalis (Burm. f.) Presl
Nelumbo nucifera Gaertn.
Scirpus articulatus L.

Vallisneria spiralis L.

* Plants supporting high nematode populations

Van der Vecht & Bergman (1952); Kawashima (1963); Yamsonrat (1967); Mathur & Prasad (1973b); Babatola
(1979); Mohandas, et al. (1979); Venkitesan et al. (1979); Razjivin et al. (1981); Edward et al. (1985); Khuong
(1987).
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combination of dry soil and non-host dry season crops such as cowpea, pigeon pea, soybean,
groundnut, sweet potato, sorghum, tobacco, finger millet, onion against H. oryzae, H. imamuri and
H. spinicaudata (Mathur & Prasad, 1973b; Babatola, 1979) and millet, cotton and wheat against H.
oryzae in India (Mathur & Prasad, 1973b). Any of these or other non-host crops in rotation with
rice should reduce the risk of Hirschmanniella damage, but their host status may vary with different
nematode species.

Two green manure legume crops, Sesbania rostrata and Sphenoclea zeylanica, can give good,
practical control with the additional benefit of increased soil nitrogen. The yield of rice following
Sesbania was increased by 214% in micro plots compared to repeated rice cropping. Sphenoclea can
give 99% control of Hirschmanniella spp., S. rostrata appears to act as a trap crop (Germani et al.,
1983), while §. zeylanica produces toxic plant exudates (Mohandas et al., 1981).

Other cultural measures to alleviate damage by Hirschmanniella spp. in Japan are (i) early
planting and (ii) direct sowing which both reduce initial infection (Sato et al, 1970; Nakazato et al.,
1964 quoted in Fortuner & Merny, 1979).

Resistance

The majority of rice cultivars tested are good hosts of Hirschmanniella spp. These include cultivars
from India, Korea, Japan, Nigeria, El Savador, Iraq, Ecuador, Thailand and Vietnam. In Korea,
all 270 cultivars tested were susceptible to H. oryzae, although six supported only low numbers
(Park et al., 1970). Cultivars supporting relatively low nematode numbers have been rated as
“resistant” (Table 5). Some of these could be truly resistant, such as cv. TKM9 to H. oryzae from
India (Ramakrishnan et al., 1984).

TABLE 5. Rice cultivars and breeding lines reported to support low populations of Hirschmanniella spp.

Annapurna Mtu. 28
CR.52 N.136

CR. 320 Ptb.27
CR.44-32 RP.1155-128-1
CR.130-203 Suwon 64
CR.294-548 Tin Pakhia
CR.142-3-2 TMK9
CR.141-6058-1-35 Ww.113

CR.44-140-2-1051
Kao Paung Klang
Kao Paung

Kao Tah Jue

Kao Yaun

Kao Klang Pee

Park et al. (1970); Ramakrishnan et al. (1984); Arayaungsarit et al. (1986); Rao et al. (1986).

Because of their widespread occurrence in rice fields, for example from all locations in Thailand
(Yamsonrat, 1967) and virtually every rice paddy in Japan, it is possible that the rice cultivars which
now grow best in paddies are those which are relatively resistant to, or tolerant of, Hirschmanniella
spp- (Ichinohe, 1988).

Chemical
High yield increases have been achieved using chemicals against Hirschmanniella but there is little
indication that chemical control is economic or practical except in special circumstances (Ichinohe,
1972).

Most of the available chemicals with nematicidal action have been applied with varying success
against Hirschmanniella especially in India (Edward et al., 1985; Rao et al., 1986), also in Japan
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Heterodera

Fig. 10. Heterodera oryzicola cyst and white female emerging
from roots of rice.

(Ichinohe, 1988), Thailand (Taylor, 1969) and Ivory Coast (Cadet & Quénéhervé, 1982). Chemical
control has been attempted by application to field and nursery soil, as root dips for transplanted
seedlings, and for soaking seeds. In field soil, various methods of application have been tried
including soil incorporation, application in standing water, and “‘mud ball”” application (Prasad ef
al., 1986).

Four cyst-nematodes infect rice: H. oryzicola, H. elachista, H. oryzae and H. sacchari. H. oryzicola
is found only on upland rice in Kerala State, India (Rao & Jayaprakash, 1978) and H. elachista
specifically on upland rice in Japan (Okada, 1955). H. oryzae occurs on lowland rice in parts of
Ivory Coast, Senegal (Fortuner & Merny, 1979) and in Bangladesh (Page & Bridge, 1978). H.
sacchari occurs on upland and flooded rice throughout western Africa. The Japanese Heterodera
sp., first referred to by Okada (1955), was attributed to H. oryzae until being described as H.
elachista by Ohshima (1974).

Symptoms

Biology

The symptoms of infection by each species are similar. Root growth is suppressed and infected roots
turn brown or black. Lemon shaped white females and brown cysts can be observed protruding from
infected roots (Fig. 10). Rice responds to H. sacchari by the proliferation of secondary roots which
have a compensatory function (Babatola, 1983a) but generally the reduced size and function of cyst-
nematode infected roots leads to leaf chlorosis and slowed plant growth and development, i.e.
stunting and reduced tillering. Seedlings are usually more vulnerable and Jayaprakash and Rao
(1984) have observed seedling death in patches heavily infested by H. oryzicola.

H. oryzicola and H. elachista are parasites of upland rice and H. sacchari 1s damaging only in upland
rice (Babatola, 1983a) although it is also found in flooded conditions. H. oryzae differs by its
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adaptation to flooding and second stage juveniles of H. oryzae can survive better in anaerobic than
in aerobic water (Reversat, 1975).

The biology is as described in Chapter 1. Females of H. oryzicola, H. elachista and H. oryzae
deposit many eggs into a large egg sac attached to the vulval cone. Juveniles in egg sacs hatch freely
in water but there is evidence that exudates from actively growing roots are required to stimulate
hatch from cysts of H. oryzicola (Jayaprakash & Rao, 1982b) and H. oryzae (Merny, 1966). These
differences in hatching behaviour indicate that J2’s from later generation egg sacs invade rice during
crop growth and that cysts are principally a means of survival. In contrast, H. sacchari rarely has
an egg sac and eggs hatch freely in water. H. sacchari also differs from the other rice cyst-nematodes
as it is a parthenogenetic triploid the others being amphimictic. The life cycle of each species is
complete in 24-30 days which allows multiple generations depending on the duration of the crop;
H. oryzicola is said to have twelve generations/year in continuous rice, while H. oryzae, H. elachista
and H. sacchari have 2-3 generations/crop (Berdon-Brizuela, 1969; Merny, 1966, 1972; Netscher,
1969; Netscher et al., 1969; Nishizawa et al., 1972; Shimizu, 1977; Jayaprakash & Rao, 19824,
Sharma & Swarup, 1984)

Other hosts

H. oryzicola and H. oryzae have a narrow host range with many wild and cultivated Gramineae
being non-hosts (Merny & Cadet, 1978; Sharma & Swarup, 1984). H. oryzicola has some weed hosts
e.g. Cynodon dactylon and Brachiara sp. (Charles & Venkitesian, 1985), and some Cyperaceae e.g.
Mariscus umbellatus are hosts of H. oryzae (Merny & Cadet, 1978), strangely, banana is a host of
both nematodes (Taylor, 1978; Charles & Venkitesian, 1985). In this respect, H. sacchari is again
quite distinct as it has a wide host range, including many wild Cyperaceae and Gramineae indigenous
of W. African savannah and humid lowlands (Odihirin, 1975).

Economic importance
Because of their restricted distribution, cyst nematodes on rice are only of local importance. Watan-
abe er al. (1963) noted that damage by H. elachista varied between years and this is likely to be true
for the other species as local climatic and edaphic factors, and cultural practises vary. Shimizu (1971)
considered that H. elachista was important in later growth (presumably grain filling and maturation)
and could decrease yield by 7-19%. In India, higher yield losses (1742%) are attributed to H.
oryzicola (Kumari & Kuriyan, 1981). H. oryzae is a minor problem in Senegal and Ivory Coast and
is replaced by H. sacchari in mixed populations; its importance on rice crops in Bangladesh requires
assessment. Babatola (1983a) considered H. sacchari to be potentially important on rice in Nigeria.

Control »
Exploiting the narrow host range of H. oryzicola, H. elachista and H. oryzae through rotation with
non-host crops is likely to be beneficial, e.g. rotation with soybean or sweet potato to control H.
elachista has given yield improvements of 2.8 to 3.7 fold (Nishizawa er al., 1972). Fumigation with
D-D (300 I/ha) and to a lesser extent EDB, have also given effective control. Rice cvs vary in their
susceptibility to H. oryzae (Merny & Cadet, 1978), H. sacchari (Babatola, 1983b) and H. oryzicola
(Jayaprakash & Rao, 1983), but few have complete resistance. Unfortunately the cvs Lalnakanda,
CR143-2-2 & TKMS, although resistant to H. oryzicola are susceptible to Meloidogyne graminicola
(Prasad er al., 1986).

Pratylenchus

Ten species of root lesion nematodes have been reported on rice throughout the world. The most
common are P. zeae, found in Africa, North and South America, Australia, S. and S.E. Asia and
Egypt, and P. brachyurus, reported from Africa, South America, Pakistan and the Philippines. They
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occur predominantly on upland rice and only P. zeae and P. indicus, a species found in India and
Pakistan, have been reported to cause damage.

Symptoms

Biology

There are no specific above-ground symptoms of infection by P. zeae (Plowright et al., 1990).
However, the leaves of 22 day old rice seedlings infected with P. indicus are said to yellow from
the tip, wilt and dry up (Rao & Prasad, 1977). Pratylenchus spp. cause discrete lesions in the root
cortex which become necrotic and coalesce as infection spreads. Root size and function is diminished,
growth rate (either tillering or shoot extension) is reduced and plants become stunted.

Population levels of P. indicus decline rapidly during the fallow periods and persist in low numbers
(Prasad & Rao, 1978a). P. zeae can survive in a cultivated clean fallow for up to 6 months (Plowright
et al., 1989). Weed hosts of P. zeae are Cynodon dactylon, Amaranthus spinosus, Dactylodenium
aegyptium, Digitaria sanguinalis and Echinochloa sp. (Fortuner, 1976).

Invasion by P. zeae takes place within one week of emergence, the life cycle being completed
in about 30 days. P. indicus completes a life cycle in 33-34 days and several overlapping generations
occur on a single crop (Prasad & Rao, 1982a). The optimum temperature for P. indicus reproduction
is 23-30°C and peaks of population are always immediately preceded by rainfall (Prasad & Rao,
1979a). During crop growth P. zeae is found mainly in rice roots and soil populations levels
are generally low. Plowright et al. (1990) found that the rate of P. zeae reproduction was greatest
after flowering and numbers increased toward grain maturity. P. zeae migrates into soil from
heavily infected necrotic roots. Pratylenchus spp. are readily disseminated in soil and infected root
material.

Economic importance

Control

Despite the prevalence of P. zeae in upland rice there is very little information on its pest status.
Plowright et al. (1990) have shown that rice yield can be increased 13-29% by control of P. zeae
but some cultivars may be tolerant of infection. The maximum yield reduction in the field was 30%
with an infection of 1000 P. zeae/g of root at harvest and higher nematode densities at harvest will
not necessarily cause further yield loss. Martin (1972) reported that the growth of rice infected with
>500 Pratylenchus sp. (probably P. zeae)/g of root was poor and severely stunted plants had > 3500
nematodes/g of root. Prasad and Rao (1978b) found that the yield of rice cv Bala was reduced by
33% at final population densities of P. indicus up to 1625/g of root. The data suggest that P. zeae
and P. indicus can cause yield loss in upland rice but further studies are required.

P. zeae can be effectively controlled using chemicals e.g. carbofuran (Plowright et al., 1990).
However, chemical control is undesirable in upland rice and requires economic appraisal. Control
through crop rotation has been reported using poor or non-host crops such as Vigna radiata (L.)
Wilczek (Mung bean), Vigna mungo (L.) Hepper (black gram), Vigna unguiculata (L.) Walp
(cowpea), and Sesamum indicum, L. (sesame) (Prasad & Rao, 1978a). However, P. zeae has a wide
host range and many of the food crops (mainly cereals) in upland rice cropping systems are good
hosts (Table 6). Fallow periods of a practical length will reduce but not eliminate damage by P.
Zeae to susceptible, intolerant cultivars.

Differences in susceptibility of rice cultivars and accessions to P. zeae (Plowright & Matias,
unpubl.) and P. indicus (Prasad & Rao, 1982b) have been found but no useful field resistance
has yet been identified. Upland rice cultivars appear to differ in their tolerance of P. zeae
(Plowright et al., 1990) if this is a reliable and hereditable trait then it will be useful for alleviating
yield loss.
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TABLE 6. Some important hosts of Pratylenchus zeae

Oryza sativa L.

O. glaberrima Steud

O. breviligulata A. Chev & Roechr.,
Eleusine coracana (L.) Gaertn
Sorghum bicolor (L.) Moench

Vigna unguiculata L. (Walp)
Lycopersicon esculentum Mill
Ipomoea batatas (L.)
Glycine max (L.) Merr
Arachis hypogaea L.

Zea mays L. Saccharum spp.
Triticum aestivum Solanum tuberosum L.
Avena sativa L. Allium cepa L.
Hordeum vulgare L. Lactuca sativa L.
Secale cereale L. Nicotiana tabacum L.
Amaranthus sp. Gossypium spp.

Other nematodes

Many nematodes, in addition to those already discussed, are found with rice (Fortuner & Merny,
1979), but few of these are reported to be associated with damage and are probably of limited or
local importance.

Criconemella and Criconema

Criconemella spp. (C. curvata, C. obtusicaudata, C. onoensis, C. ornata, C. palustris, C. rustica, C.
sphaerocephala) and Criconema crassianulatum occur on upland and flooded rice in various areas of
the world (Fortuner & Merny, 1979; Fortuner, 1981; De Wacle & van den Berg, 1988), but only
C. onoensis has been shown to be harmful (Hollis & Keoboonrueng, 1984). C. onoensis is known
to occur on rice in U.S.A., Guinea, Ivory Coast, Mauritius, Surinam, Belize and India (Luc, 1970;
Maas, 1970; Baqri, 1978; Hollis & Keoboonrueng, 1984; Chinappen et al., 1989).

In flooded rice fields, C. onoensis causes no obvious symptoms but, in pot tests, the presence of
210 nematodes/dm? of soil can cause severe stunting and yellowing of plants (Hollis, 1977). Parasitized
main and secondary roots are stunted with lesions near club-shaped root tips. C. onoensis is ectopara-
sitic, feeding on or near root tips of both flooded and upland rice. In West Africa, C. palustris is
more common than C. onoensis in flooded rice (Luc, 1970; Merny, 1970).

Dissemination of C. onoensis could result from transportation of infested soil and certainly by
irrigation water in flooded rice. Survival is insured by the presence of several permanent weed hosts
belonging to the Cyperaceae and Gramineae such as Cynodon dactylon, Paspalum hydrophilum,
Cyperus iria, C. esculentus, C. haspan, C. articulatus, Fimbristylis milacea, Fuirena sp., Eleocharis
spp. (Hollis, 1972a, b; Hollis & Joshi, 1976). Rice supports only low population densities because
of root decay caused by early nematode attack (Hollis, 1977).

Aggressive Cyperaceae weeds are very susceptible to C. onoensis and may proliferate in the
absence of the nematode. Thus chemical control of the nematode is effective only if rice fields are
weeded. Hand removal is uneconomic and the combined use of nematicides and herbicides may be
harmful to rice. However, the nematicide Furadan can be satisfactorily combined with herbicides
containing the active ingredient 3,4 dichloro-propionanilide (Hollis & Keoboonrueng, 1984). The
increase of rice yield after weeding and treatment with phenamiphos is about 17% (Hollis, 1977).

In Louisiana, C. onroensis decreased rice production in 1967 by 15% (Hollis et al., 1968), and C.
onoensis may be harmful to flooded rice in Mauritius (Chinappen et al., 1989).

Hoplolaimus indicus

A number of lance nematodes (Hoplolaimus spp.) are found on upland rice but only H. indicus, a
migratory endoparasite, is reported to be damaging. H. indicus is a parasite of rice only in India.
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Fig. 11. Roots damaged by Paralongidorus australis com-
pared to healthy rice roots (Photo. Graham Stirling).

Damage by H. indicus is not always obvious in the field and, in the early seedling stage, is very
similar to nitrogen deficiency. Leaves of seedlings infected by H. indicus are yellowish before turning
brown and brittle with ash coloured tips. Plants are stunted with shortened upper internodes, new
leaves can be curled. The symptoms can be less apparent in the latter stage of the crop (Banerji &
Banerji, 1966; Das & Rao, 1970). Rice roots have brown lesions at invasion points. Cavities can be
found in the cortex, cells lose their rigidity, vascular elements become distorted and roots become
flaccid (Das & Rao, 1970; Ramana & Rao, 1975; Alam et al., 1978).

There are few studies of the yield losses caused by H. indicus in the field, but, in pot experiments,
initial population levels of 100-10 000 nematodes per plant can reduce numbers of tillers by
21.5-36.0% and reduce grain yields by 10.7-19.8% (Ramana & Rao, 1978).

Paralongidorus

Two species of Paralongidorus have been recorded on flooded rice: P. oryzae occurs in Nepal and
India (Verma, 1973) but no data are available concerning its relationship with rice. P. australis is
locally important along the Burdekin River, N. Queensland, Australia (Stirling & Vawdrey, 1984).

In the field, P. australis causes poor growth, mainly in rice planted during the summer. The first
symptoms appear 7 to 10 days after flooding and develop into patches of stunted yellow plants of
which many may die (Plate 1G). Primary roots show brown necrotic tips, sometimes hooked or
curled; secondary roots are shorter than normal, often with a forked appearance. The root system
is severely reduced (Fig. 11), attacked roots being 1 to 5 cm long vs 15 to 20 cm in healthy plants
(Stirling & Channon, 1986). Experimentally inoculating rice seedlings with 250 to 900 nematodes
per plant produces symptoms of damage (Stirling, 1984). P. australis is an unusually long species,
the smallest juveniles being 2-5 mm long and the adults often reaching 10 mm (Stirling & McCulloch,
1985). This inhibits movement in relatively dry or even fine-grained wet soils and restricts full activity
to flooded conditions (Stirling, 1986). The nematode is able to survive in micro-aerobic and anaerobic
soils. The life cycle is long, lasting three to four rice crops i.e. about two years (Stirling & Shannon,
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Xiphinema

1986) with most of the active population in the top 25 cm of the soil. Optimal temperature for
nematode development is 22-30°C.

After harvest, the nematodes move deeper as the soil dries and become anabiotic. They can
survive at least 14 months resuming activity when the soil is flooded (Stirling, 1986). Being limited
to flooded rice fields in a relatively narrow area, and with no other known host, the risk of
dissemination of this nematode is low.

Control can be achieved by increasing the rate of nitrogenous fertilizer in combination with deep
ploughing (> 40 cm) or by changing to moist cultivation rather than flooded in order to inhibit
nematode movement (Stirling & Shannon, 1986). Control by dry fallow is effective but not normally
appropriate because P. australis can remain anabiotic for several years. Crop rotation with maize,
sorghum or soybeans may be a preferable substitute to fallow. No resistance has been found.

X. bergeri is very common in flooded rice fields of Senegal, Ivory Coast and Gambia (Fortuner &
Merny, 1973), and appears to be widespread in Western Africa; X. rotundatum has occasionally
been found in Ivory Coast (Merny, 1970).

Several species of Xiphinema have been recorded from the rhizosphere of upland rice: X. insigne
and X. orbum in India, X. nigeriense and X. oryzae in Nigeria, X. seredouense in Guinea, and X.
cavenessi in Ivory Coast. None of these species are known to be harmful. However, Lamberti e al.
(1988) claim that X. ifacolum is pathogenic on upland rice in Liberia.

Tylenchorhynchus

Tylenchorhynchus spp. are very common in upland, lowland and deepwater rice throughout the
world. They have been found infecting rice in central and South America, Africa, the Middle East,
India, S. E. Asia, Malaysia and Australia. Tylenchorhynchus annulatus (syn. martini) has the widest
distribution, other less commonly reported species are T. claytoni, T. mashoodi, T. elegans, T.
crassicaudatus, T. clarus, T. nudus and T. brassicae. T. annulatus can be pathogenic to rice in pot
culture and damage is accentuated by an aggregation phenomenon known as ‘swarming’ (Joshi &
Hollis, 1976). However, none of the above species have been consistently shown to cause damage
to rice in the field.

Helicotylenchus and Caloosia

Helicotylenchus spp. are common on upland rice and H. abunaamai has been observed feeding
ectoparasitically on rice roots (Radhi & Das, 1984). Similarly, Caloosia heterocephala feeds ectopara-
sitically on upland rice roots and can arrest their apical growth (Rao & Mohanadas, 1976).

Conclusions and future prospects

Most rice nematodes are potentially damaging but their economic importance is strongly influenced
by the environment. With some widespread nematodes, such as A. besseyi, the damage they cause
is not proportional to their distribution; for others, such as Hirschmanniella spp., yield losses are
probably underestimated. The damage caused by D. angustus can be devastating, but it has a limited
distribution and its occurrence is unpredictable. Furthermore, as new rice cultivars are bred and
regional cropping practises change, nematodes may emerge to be even more important. An ominous
example of this is the spread of D. angustus from its traditional host, deepwater rice, to the more
widely grown and globally important irrigated and lowland rice. Other new nematode problems are
surfacing, e.g. Paralongidorus at present only damaging in Australia. This genus could be more
widespread on rice and may have avoided detection as it is difficult to isolate.
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Control of rice nematodes poses a number of problems, primarily because measures to control
one nematode may increase the damage caused by another. This complicates the recommendation
of cultural methods for nematode control on rice and other crops in a rice cropping system, e.g.
flooding reduces or eliminates populations of Pratylenchus, Hoplolaimus, Heterodera, and most
Meloidogyne spp., but encourages Hirschmanniella spp. Significant reductions in populations of
Hirschmanniella attacking rice and in soil populations of Meloidogyne spp. damaging vegetables,
can be achieved where irrigated or lowland rice is rotated with upland vegetable crops. However,
this same system would increase damage and yield loss to rice by M. graminicola. An accurate
knowledge of the species present in a field is thus an important prerequisite for investigating such
control methods. Chemical control of rice nematodes will rarely be economic or efficient, and the
dangers and difficulties of applying nematicides in flooded rice are self-evident. In flooded soils,
sulphur dioxide, produced by anaerobic bacteria, could be used as a form of nematode control and
preliminary trials have proven the efficacy of such phenomena (Jacq & Fortuner, 1979). The difficulty
is that rice seedlings may also be killed. More research on this and other similar techniques could
be beneficial but requires the cooperation of nematologists, agronomists and soil microbiologists.
Cultivars with resistance or tolerance to nematodes hold out the most promise for acceptable and
economic control of rice nematodes. There is some information on the variations in the susceptibility
of rice cultivars to most rice nematodes but essentially very little is known about the mechanisms
and inheritance of resistance. Progress is being made with some of the important rice nematodes,
but a coordinated international effort is required by nematologists, agronomists and plant breeders
to identify and transfer resistance to commercially acceptable rice cultivars.
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